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2D photonic crystal hydrogel and organogel sensors are composed of 2D photonic crystals 
embedded in volume responsive hydrogels and organogels. Hydrogels utilize polymers in water. 
Organogels utilize polymers in organic solvents. Hydrogels and organogels changes volume due 
to changing concentrations of analytes such as proteins, enzymes, and small molecules.  We 
measure the hydrogel or organogel volume by using an embedded 2D Photonic Crystal (2DPhC). 
2DPhCs utilizes hexagonal monolayers of polystyrene spheres that diffract light at wavelengths 
that depend upon the 2DPhC particle spacing  
In this work, the state of the art of 2D Photonic crystal hydrogel and organogel sensors is 
advanced. An interpenetrating poly-vinyl alcohol network enabled the use of fragile hydrogels. 
Macroporous hydrogels increase hydrogel volume responsiveness. I increased the understanding 
of 2D Photonic Crystal fabrication. Finally, I improved our understanding of the transition of 
protein hydrogels to protein organogels.  
v 
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1.0 Introduction, Motivation 
2D photonic crystal hydrogel sensors are composed of 2D photonic crystals embedded in 
volume responsive hydrogels. The responsive hydrogels utilize polymers in water. The hydrogel 
changes volume due to changing concentrations of analytes such as proteins, enzymes, and small 
molecules.   We measure the hydrogel volume by using an embedded 2D Photonic Crystal 
(2DPhC). 2DPhCs utilizes  hexagonal monolayers of polystyrene spheres that diffract light at 
wavelengths that depend upon the 2DPhC particle spacing.1 
Research on 2D photonic crystal hydrogel sensors will enable advances in a wide range of 
fields including healthcare, industrial/home safety, and chemical/biological weapon detection. 2D 
Photonic Crystal sensors could function as point of care sensors. Point of care sensors have 
improved the quality of life of millions. For example, blood glucose and pregnancy point of care 
sensors enable people to monitor their health at home, allowing for better healthcare decisions. 
My work aims to improve 2D photonic crystal hydrogel sensors for use as a point of care 
sensors. I will enhance the dynamic range of the sensor by investigating low-crosslinking 
concentrations and macroporous hydrogels.  I will explore the 2D photonic crystal fabrication 
process to improve the understanding of 2D Photonic crystal self-assembly. I will investigate the 
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2.0 Removable Interpenetrating Network Enables Highly-Responsive 2-D Photonic Crystal 
Hydrogel Sensors 
This work was previously published in Sensors and Actuators B as Coukouma, A. E.; 
Smith, N. L.; Asher, S. A. Analyst 2015, 140, 6517-6521  
Author Contributions: A.E.C. performed all experimental design and work. N.L.S. 
assisted with initial experiential design. The manuscript was prepared by A.E.C. with assistance 
from N.L.S. and S.A.A. 
Responsive hydrogels functionalized with molecular recognition agents can undergo large 
volume changes upon interactions with specific chemical species.  These responsive hydrogels can 
function as chemical sensing materials if the hydrogel volumes are monitored by using devices 
such as photonic crystals (PhC).  An important criterion of merit is the responsiveness of these 
sensing hydrogels. Generally, hydrogel responsiveness is inversely proportional to the hydrogel 
crosslink density because the elastic constants scale with the crosslink density. The responsivities 
of these hydrogel sensors dramatically increase as their hydrogel crosslinker concentrations 
decrease.  Unfortunately, the resulting highly responsive hydrogels become fragile at low crosslink 
densities, and are hard to fabricate and utilize. To temporarily increase the mechanical strengths 
of these highly responsive hydrogels we developed a method to incorporate a removable 
reinforcing interpenetrating hydrogel network. We demonstrate the utility of this approach by 
incorporating an interpenetrating PVA hydrogel within a weak, low crosslinked pH sensitive 
hydrogel through a freeze-thaw process. These interpenetrating PVA hydrogels are indefinitely 
stable at room temperature, but easily dissolved on transient heating to 70°C. The pH sensing 
hydrogel response is unaffected by this incorporation and subsequent dissolution of the 
4 
interpenetrating PVA hydrogel.  These sacrificial hydrogels enable the fabrication and utilization 
of highly responsive hydrogel sensing materials. 
2.1 Introduction 
 Hydrogels are polymer networks that stabilize a water mobile phase.  The unusual 
properties of hydrogels enable their applications as responsive smart materials.   Responsive 
hydrogels have been used in applications such as sensors2-7, mechanical actuators8,9, and for drug 
delivery.8,10-12  Chemical sensors have been fabricated that utilize hydrogel volume phase 
transitions (VPT); the volume of the hydrogel changes in response to chemical or physical stimuli. 
We, as well as others, fabricated hydrogels to sense pH6,13-16, heavy metals2,5-7,16,17, humidity18, 
and biological targets such as creatinine14 and glucose.1,2,19  
 A wide range of methods have been developed to monitor the VPT of hydrogels. Originally 
measurements were conducted by measuring the size of the hydrogel.20,21 Later, groups developed 
the use of photonic crystals (PhC)7,14,16,18,22-26 and holograms1,13 to measure  hydrogel VPT.  Our 
group pioneered the use of 2D4,24,27-29 and 3D2,5,7,16,17,19,22, PhC embedded within responsive 
hydrogels to monitor the VPT.30 PhC can be used to optically monitor the volume of the hydrogel 
by measuring the wavelength or the angle of light diffracted.  The diffraction depends on the 
spacing of the attached PhC periodicity which depends on the responsive hydrogel volume.2,31  
 Chemically responsive hydrogels can be fabricated where their VPT are selectively 
induced by specific chemical species. These hydrogels change volume in response to chemically 
induced osmotic pressures.  The three typical sources of hydrogel osmotic pressures are osmotic 
5 
pressures due to the free energy of mixing (Πm), due to the elastic free energy (Πel), and due to the 
ionic free energy (Πi).32   Equilibrium occurs when the total osmotic equals zero (Πm + Πel +Πi=0).   
 The elastic free energy osmotic pressure is roughly proportional to the crosslink density 
times the extent to which the hydrogel volume departs from the synthesized hydrogel volume. The 
hydrogel VPT volume response due to changes in the free energy of mixing osmotic pressure, 
and/or due to changes in the immobilized charge-induced osmotic pressure, will increase as the 
crosslinker concentration decreases. The hydrogel becomes more volume responsive as the elastic 
restoring force is decreased.   Unfortunately, decreasing the crosslinker concentrations also 
decreases the hydrogel mechanical strength.33 Mechanically weak hydrogels are difficult to 
fabricate and handle.  
 The utilization of mechanically weak hydrogels requires hydrogel reinforcement. 
Unfortunately, structural reinforcement of mechanically weak hydrogels will reduce the magnitude 
of their VPT response. In order to utilize highly responsive but weak materials we developed a 
method to transiently reinforce the system to enable its fabrication and handling. We then remove 
the reinforcing PVA hydrogel restoring the high responsivity. As shown below we incorporate an 
interpenetrating hydrogel of physically crosslinked poly(vinyl alcohol) (PVA) within a weak 
highly responsive hydrogel. Uncrosslinked PVA has been used as a water soluble lift off layer.34 
PVA is easily physically crosslinked into indefinitely stable hydrogels (at room temperature) by 
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freezing aqueous PVA solutions into cryogels.22,35,36  Upon freezing the PVA polymer chains form 
crystallites through hydrogen bonding. The crystals formed have the same structure as pure PVA 
crystals.37 The crystallites are ~7 nm thick and spaced 15-20 nm apart.37 The crystallites physically 
crosslink multiple PVA chains, forming a mechanically robust cryogel. PVA crystallites are stable 
at room temperature36, 37.  At 70°C, the PVA crystallites rapidly melt, dissolving the PVA 
cryogel.22   
Figure 2.1- Fabrication and dissolution of sacrificial PVA physically crosslinked hydrogel-2D PhC sensing 
hydrogel bilayer system. A solution of polymerizable monomers containing a UV initiator is deposited upon a 
2D PhC attached to a coverslip (A). A coverslip is placed onto the solution (B) and the system photopolymerized 
(C)1-8. The 2D PhC sensing hydrogel is peeled off the glass slide (D) and partially immersed in a PVA solution 
(E). After two freeze-thaw cycles an interpenetrating PVA hydrogel forms within the sensing hydrogel and a 
pure PVA hydrogel forms below (F). The coverslips are removed (G). Upon heating, the PVA hydrogel 
dissolves leaving the original sensing hydrogel. 
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2.2 Results and Discussion 
 Figure 2.1 shows the fabrication of the 2D PhC sensing hydrogels and the incorporation of 
interpenetrating PVA hydrogels. The 2D-PhC sensor is fabricated by depositing the polymerizable 
monomer solution on a slide containing a 2D PhC (Figure 2.1A). A coverslip is placed on top of 
the solution and the solution is polymerized by UV light (Figure 2.1B to C).18,23,30 After the sensor 
hydrogel is polymerized, the coverslip on the 2D array side is removed (Figure 2.1C and D).  
 In this case we form a reinforcing interpenetrating physically crosslinked hydrogel within 
the sensing hydrogel which is attached to a pure PVA hydrogel substrate. This is accomplished by 
partially immersing the mechanically weak, highly-responsive hydrogel in a PVA solution (Fig. 
2.1E). The PVA polymer is allowed to diffuse into the sensing hydrogel and then the PVA is 
physically crosslinked by a freeze-thaw process to form a PVA interpenetrating sensing hydrogel-
pure PVA hydrogel bilayer system (Figure 2.1F). This physically crosslinked PVA bilayer system 
is robust and is easily handled (Figure 2.1G). The interpenetrating and pure PVA crosslinked 
hydrogel bilayers are easily dissolved away by heating the system briefly for 10 min to 70°C 
(Figure 2.1H). 
 We prepared highly pH responsive hydrogels by incorporating acrylic acid (AA) within 
acrylamide (Am) hydrogels crosslinked with low concentrations of bisacrylamide (BIS). The 
interpenetrating PVA cryogel was incorporated to mechanically strengthen the mechanically weak 
pH sensing hydrogel. Bulk polyacrylic acid has a pKa ~4.73 and increasingly deprotonates as the 
pH increases to form carboxylates that immobilize counterions, resulting in an osmotic pressure 
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that swells the hydrogel.3,15 We sensitively monitor the hydrogel volume by monitoring the light 
diffracted from the embedded 2D PhC.  
 These poly-AA-Am-BIS hydrogels swell as the carboxyl groups deprotonate to form 
carboxylates at higher pH values.38 The extent of hydrogel swelling increases as the crosslinker 
concentration decreases. Unfortunately, the decreasing crosslinker concentration decreases the 
hydrogel mechanical strength33. These hydrogels become difficult to fabricate and handle. To 
enable the fabrication and utilization of minimally crosslinked, more highly responsive hydrogels, 
we incorporated the poly(vinyl alcohol) cryogels to temporarily mechanically reinforce the 
hydrogel. 
Figure 2.2- Photographs of AA-Am-BIS sensing hydrogels. The top row show hydrogels fabricated without the 
use of PVA at 1%, 0.1%, and 0.05% (w/w) BIS crosslinker concentrations, (Figure 1 D to H). The second row 
shows a second set of sensing hydrogels fabricated using the PVA hydrogels, (Figure 1 D to G). The third row 
shows this second set of sensing hydrogels after the PVA hydrogel is removed (Figure 1 G to H). White scale 
bar lengths are 1 cm. 
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 Figure 2.2 shows photographs of pH sensing hydrogels that were polymerized with 
decreasing BIS crosslinker concentrations of 1%, 0.1%, and 0.05%.  The top row of pictures show 
hydrogels fabricated without the PVA hydrogels as depicted in Figure 2.1 going from D to H 
without steps E-G. The low crosslink density 2D PhC pH sensing hydrogels are fragile and easily 
tear during fabrication. For example, the top left 1% BIS hydrogel is easily removed from the 
coverslip, while the 0.1% BIS hydrogel tore easily during handling, as shown in the top center of 
Figure 2.2. The very fragile 0.05% BIS hydrogels tore into multiple small pieces because of its 
mechanical weakness (Figure 2.2 top right).  
 Incorporation of the interpenetrating PVA hydrogel results in a more mechanically robust 
hydrogel bilayer system as shown in the middle row of photographs.  The resulting bilayer 
hydrogel systems show significant wrinkling due to the differential swelling of the sensing 
interpenetrating PVA hydrogel composite compared to the pure PVA hydrogel.  Wrinkling relieves 
strain caused by the differential swelling in the hydrogel bilayers.39  
 These interpenetrating PVA-sensing hydrogel- PVA hydrogel bilayers are stable for over 
three months in pH 3.18 buffer at room temperature. The bottom row of Figure 2.2 shows the 
resulting sensing hydrogels after PVA hydrogel dissolution at 70° C (Figure 2.1G to H) most 
notable is that the 0.05% BIS hydrogel remains intact.      
 Figure 2.3 shows the pH dependence of the inter-particle spacing of a series of 2D PhC 
AA-Am-BIS hydrogel sensors polymerized at decreasing crosslinker concentrations of 1%, 0.1% 
and 0.05%. As expected, the sensing hydrogel pH responsivities increase as the crosslinker 
concentration decreases. At pH 3.76 the particles spacing is 646 ±2 nm for the 1% BIS hydrogel, 
970±4 nm for the 0.1% BIS hydrogel, and spacing increases to 746 ±4 nm for the 1% BIS 
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hydrogel,1148±8 nm for the 0.05% BIS hydrogel. At pH 5.48 the particle spacing is 1220±7 nm 
for the 0.1% BIS hydrogel, and 1562±18 nm for the 0.05% BIS hydrogel.  Thus, between pH 3.76 
to 5.48 the particle spacing increases by 100 nm for a 1% BIS hydrogel, 251 nm for a 0.1% BIS 
hydrogel, 414 nm for a 0.05% BIS hydrogel. The pH sensing hydrogels increase their responsivity 
by four-fold as the crosslinker concentration decreases 20-fold from 1% BIS to 0.05%. 
 The linear response observed over this pH range was previously observed3,6,15.This volume 
response is of complex origin. The hydrogel changes volume in response to the sum of changes in 
the ionic free energy, the free energy of mixing, and the restoring elastic force.32 The equilibrium 
between these factors gives rise to a linear response to the titration of the carboxylate groups.
 We examined the impact of the incorporation and dissolution of the PVA hydrogel on the 
response of a pH responsive 0.1% BIS hydrogel. A single 2D PhC AA-Am-BIS hydrogel was 
polymerized and cut in half. One half was stored in pH 3.18 buffer while the other had a PVA 
cryogel incorporated. Both hydrogels were similarly heated for 15 min at 70 °C. We independently 
demonstrated that this 15 min heating does not affect the pH response of the sensing hydrogels. 
We observe essentially identical pH responses of these two pH responsive hydrogels (Figure 2.4). 
Figure 2.3- Comparison of pH dependence of 2D array spacing of 2.5% AA-10% Am hydrogels prepared with 
1%, 0.1%, and 0.05% concentrations of BIS crosslinker. Error bars indicate one standard deviation 
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The observed bright visible diffraction in Figure 2.2 and a sharp well defined Debye ring after the 
PVA is dissolved indicates that the attached 2D PhC is well ordered. Neither the hydrogel sensor 
response nor the attached 2D PhC is irreversibly adversely affected by the incorporation and 
dissolution of the PVA hydrogel.  
2.3 Experimental 
 Materials  
Igracure 2959, DMSO, Acrylamide (Am), 1-Propanol and N-N`-Methylenebisacrylamide 
(BIS) were acquired from Sigma Aldrich (≥99% purity) and used as received. Acrylic acid (AA) 
was acquired from Sigma Aldrich and purified through distillation.  Glacial acetic acid was 
Figure 2.4- Comparison of pH response of pH sensing 0.1% BIS hydrogel fabricated without a PVA hydrogel 
to that of a pH sensing hydrogel fabricated with an interpenetrating PVA hydrogel bilayer system that was 
subsequently dissolved. Error bars indicate one standard deviation 
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supplied by Fisher and used as received. Sodium acetate was acquired from EM Science and used 
as received. 98% mole hydrolyzed 78,000 MW Poly(vinyl alcohol) (PVA) was acquired from 
Polysciences Inc. and used as received.  
 Fabrication of pH Sensitive Hydrogels  
 2D photonic crystal array (2D PhC) pH sensing hydrogels were fabricated as previously 
described.4 490 nm diameter polystyrene particles were synthesized by emulsifier-free 
polymerization.40 A 2D PhC was fabricated by carefully layering a 3:1 volume dispersion of these 
490 nm polystyrene particles (15 wt%) in 1-propanol onto a water surface.27 As shown previously27 
these particles self-assemble on the water surface into a 2D PhC. The 2D PhC on the water surface 
was transferred to a glass slide by inserting the slide under the 2D PhC and carefully lifting it. 
  The sensing hydrogel monomer solution was prepared by adding 20 μL of a photoinitiator 
solution of 33% (w/w) Irgacure 2959 in DMSO to a 1 mL aqueous solution containing 10% (w/w) 
Am, 2.5% AA (w/w), and between 1% to 0.05% (w/w) BIS  crosslinker in a pH 3.18, 0.1 M  acetate 
buffer. 130 μL of this monomer solution was deposited onto the glass slide attached to the 2D PhC 
(Figure 2.1A). A coverslip was placed on top and the solution was UV polymerized for 15 min by 
illuminating the solution with a UV lamp (UVGL-55, UVP) to form a 100 μm thick 2D PhC BIS-
AA-Am hydrogel (Figure 2.1B).  
 One of the glass coverslips was removed (Figure 2.1C to D). The adhesion of the hydrogel 
to the opposite cover slip enabled this removal. The adhesion to the opposite coverslip distributes 
the mechanical strain from the coverslip removal evenly over the hydrogel. An interpenetrating 
PVA hydrogel-bilayer system was fabricated within and around the 2D PhC sensing hydrogel by 
partially immersing the 2D PhC sensing hydrogel in a 7% (w/w) aqueous PVA solution (Figure 
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2.1E). The system was temperature cycled twice by cooling to -20°C for 2 hr and thawing for 2 hr 
at room temperature. At the lower temperature the PVA forms small crystallites that physically 
crosslink the PVA into an interpenetrating network within the 2D PhC sensing hydrogel and an 
adjacent pure PVA hydrogel.  
 The PVA hydrogel was dissolved by heating the system in a pH 3.18 acetate buffer to 70 
°C (Figure 2.3G and H). The dissolved PVA solution was removed and the 2D PhC pH sensor was 
washed with and stored in a room temperature pH 3.18 acetate buffer. 
 pH Sensing  
 The 2D PhC pH sensing response was studied in acetate buffers at concentrations between 
0.01 M to 0.1 M fabricated using sodium acetate and glacial acetic acid and adjusted to maintain 
a constant ionic strength of 0.01 M. Changes in hydrogel volume due to pH changes were 
monitored by measuring the 2D PhC particle spacing as previously described.4 A 532 nm laser 
pointer illuminated the 2D PhC sensing hydrogel at normal incidence. The light is diffracted by 
the 2D PhC at an angle determined by the particle spacing. This would give rise to six diffraction 
spots for a perfectly ordered 2D array. However, the randomly oriented 2D PhC micro-domains 
diffract the light to form a Debye ring.  
 The angle of diffraction, α was determined from the Debye ring diameter from 
α= tan-1(𝐷𝐷/2𝐻𝐻 ) where D is the diameter of the Debye ring and H is the distance between the 
measured ring and the illuminated hydrogel. The particle spacing was determined by the Bragg 
diffraction condition for 2D diffraction: 𝑀𝑀𝑀𝑀 = (√3 2⁄ )𝑑𝑑(sin 𝛼𝛼). M is the order of the diffraction, 
λ is the wavelength of illumination or 532 nm, and d is the nearest neighbour particle distance.   
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2.4 Conclusions 
 Incorporation of interpenetrating PVA hydrogels enables the utilization of highly 
responsive, but mechanically weak sensing hydrogels. These interpenetrating PVA hydrogels can 
easily be removed by incubation at 70° C. This process neither alters the responsivity of the 
hydrogels nor significantly affects the attached 2D PhC.  This approach of temporarily reinforcing 
weak hydrogels will enable utilization of highly responsive hydrogel sensors that were previously 
inaccessible due to their fragility.  
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3.0 Increased Volume Responsiveness of Macroporous Hydrogels  
This work was previously published as Coukouma, A. E.; Asher, S. A. Sensors and 
Actuators B: Chemical 2018 
Author Contributions: A.E.C. performed all experimental design and work. The 
manuscript was prepared by A.E.C. with assistance from SAA 
Hydrogels can be fabricated into smart materials whose volumes predictably depend on 
their chemical environment. These smart hydrogel materials can be utilized in applications such 
as sensors, actuators, and for drug delivery materials, for example.  The volume response of these 
hydrogels is well-known to be limited by their crosslink density. Thus, the responsiveness of 
hydrogels can be increased by decreasing the hydrogel’s crosslink density. Unfortunately, this also 
decreases the hydrogel strength.  
The hydrogel “effective crosslink density” can be decreased by fabricating macroporous 
hydrogels where voids are incorporated into the hydrogel.  In the work here we demonstrate that 
this approach increases the volume responsiveness of hydrogels. We fabricated pH responsive 
macroporous hydrogels by copolymerizing acrylic acid with acrylamide. We compared the pH 
response of these hydrogels to that of macroporous hydrogels with small water bubbles embedded 
by vortexing the polymerizing hydrogel in air, or by preparing an inverse opal hydrogel. We then 
filled these embedded air bubbles with water.  The pH responsiveness of these macroporous 
hydrogels are significantly increased compared to those of non-macroporous hydrogels of similar 
composition. We find that these macroporous hydrogels appear to be more mechanically robust 
than are similarly responsive hydrogels without voids.   
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3.1 Introduction 
Hydrogels are crosslinked polymer materials that contain significant amounts of a water 
mobile phase. Hydrogels can be fabricated into highly responsive “smart” materials that respond 
to changes in their chemical or physical environments. Hydrogels imbibe or expel water in 
response to changes in their chemical environment, by undergoing a Volume Phase Transition 
(VPT)32. Hydrogels have been utilized in sensors 2,5,17,24,41-43, actuators 44,45, and other smart 
material applications 10-12. There is great interest in developing hydrogel sensors to sensitively and 
selectively detect changes in their chemical and physical environments such as pH 3,15,20,38 and 
heavy metal concentrations 7,17,46, temperature 21,47,48, and, most recently, concentrations of 
microbes 43.  
Flory and Huggins32. demonstrated that hydrogel VPT result from osmotic pressures 
derived from the free energy of mixing, from counter ion concentration inhomogeneitiy free 
energies, and from the crosslinking elastic free energy  
The magnitude of the hydrogel VPT is constrained by the hydrogel crosslink density. 
Obviously, we can increase the magnitude of the VPT by decreasing the hydrogel crosslink 
density. However, this will decrease the  mechanical strength of the resulting hydrogel 42. In the 
work here we attempt to decrease the “effective crosslinking density” by introducing voids into 
the hydrogels.   
We formed two types of macroporous hydrogels by either incorporating lots of small air 
and water bubbles into a polymerizing hydrogel by vortexing the system, or by forming an inverse 
opal hydrogel 15,46,49,50. Inverse opal hydrogels are fabricated by polymerizing a hydrogel polymer 
monomer solution around close packed monodisperse particles. Similar inverse opal hydrogels 
have been utilized in sensing 15,46,50 and cell growth 49,51 applications. 
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3.2 Materials and Methods 
 Materials 
 Igracure 2959, Acrylamide (Am), Azobisisobutyronitrile (AIBN), Pluronic F-127 (PF-
127), Sodium Phosphate Monobasic, Sodium Phosphate Dibasic, Ammonium Persulfate (AMPS), 
N,N,N',N'-Tetramethylethane-1,2-diamine (TEMED) , Tetrahydrofuran (THF) and N-N`-
Methylenebisacrylamide (BIS) were acquired from Sigma Aldrich (≥95% purity) and used as 
received. Acrylic acid (AA) was acquired from Sigma Aldrich and purified through distillation.  
Figure 3.1- Fabrication methods utilized to produce macroporous hydrogels. A-D. An inverse opal method 
utilizes polstrene nanoparticles to incorporate  macropores. E-H. Alternatively, a vortexing method utilizes 
agitation to incorporate air bubble macropores. Macroporous hydrogels fabricated via both methods were 
dried and rehydrated, filling the air bubbles with water  before the  swelling ratio measurements. 
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Glacial acetic acid and ethylene glycol was supplied by Fisher and used as received. Sodium 
acetate was acquired from EM Science and used as received. Water was purified by a Barnstead 
nanopure system. 
 Fabrication of Inverse Opal Hydrogels 
Fig. 3.1 shows the fabrication of inverse opal macroporous hydrogels.  A close packed 
array of monodisperse 940 nm polystyrene particles was formed by evaporating 2 mL of a ~15% 
(w/w) dispersion of these particles on a glass slide (Figure 3.1A). Igracure 2495 was used to initiate 
the polymerization of 150 μL of a solution of 10% (w/w) AAm, 1% (w/w) AA, and 1% (w/w) BIS 
in a 50% ethylene glycol -50%water solution. This polymerization solution was layered onto the 
previously prepared dried close packed polystyrene particles (Figure 3.1B). A glass slide was 
placed on top of the solution for 30 min to allow the polymerization solution to fill the polystyrene 
particles interstitial spaces. The system was then exposed to UV light from two Blak Ray 365 nm 
mercury lamps for 15 min to polymerize the opal hydrogel (Figure 3.1C). The opal hydrogel was 
then peeled from the glass slides and soaked in THF for 12 hrs to dissolve the polystyrene particles 
(Figure 3.1C to D). The resulting inverse opal hydrogel was stored in pH ~3 sodium acetate buffer. 
 Fabrication of Vortexed Hydrogels 
Vortexed hydrogels were prepared by deoxygenating 6 mL of a 10% (w/w) AAm, 
1%(w/w) AA, 1% (w/w) BIS in a 50% ethylene glycol - 50% water solution by bubbling with N2 
gas for 30 min (Figure 3.1E). 400 μL of a 20% (w/w) solution of PF-127 in water was injected into 
this deoxygenated solution and gently mixed. To initiate polymerization 100 μL each of 10% 
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(w/w) TEMED in water, and 10% (w/w) AMPS in water were injected into the vial (Figure 3.1F). 
The monomer solution was then agitated by vortexing to incorporate gas bubbles during the 
polymerization (Figure 3.1 G to H). After polymerization (~ 3-5 min), the macroporous hydrogel 
was removed from the vial and stored in pH ~3 sodium acetate buffer. Non-macroporous samples 
were similarly fabricated, but without vortexing.  
 Electron Microscopy of Hydrogels 
The hydrogels were characterized by Scanning Electron Microscopy (JEOL JSM-
6390LV). Samples were dried in air at room temperature and were then sputter coated with a thin 
layer of Au.  
 Measurement of pH Volume Response 
 The pH volume responses of the macroporous hydrogels were monitored by swelling ratio 
measurements. Hydrogel samples were prepared for swelling ratio measurements by washing with 
water over 24 hrs to remove residual ethylene glycol and THF. The hydrogel samples were then 
dried in air at 75°C for 24 hrs, after which their dry weight was measured. The samples were then 
placed in sodium acetate buffers (pH 3.5-6) or sodium phosphate buffers pH (6-7.5) for 24 hrs 
(Figure 3.1 I). The ionic strength of the buffers was maintained at 0.01 M to avoid volume 
alterations due to changes in ionic strength. The hydrogels in buffer were subjected to vacuum for 
30-60 sec. to assure that all voids were filled with buffer. 
The wet, swollen, hydrogel weights were measured by removing the samples from the 
buffer and gently patting their exterior with an absorbent kimwipe before weighing the samples. 
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This process was replicated several times and the results averaged. The swelling ratio, Q is defined 
as. 
𝑸𝑸 = (𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾 𝑾𝑾𝑾𝑾𝑾𝑾 −𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾 𝑫𝑫𝑫𝑫𝑫𝑫) 𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾𝑾 𝑫𝑫𝑫𝑫𝑫𝑫⁄  
3.3 Results and Discussion 
 Structure and Morphology of Vortexed Hydrogels  
The morphology of the macroporous hydrogels fabricated by vortexing were compared to 
those of non-macroporous hydrogels by SEM (Figure 3.2). The SEM image of the vortexed 
macroporous hydrogel shows the presence of numerous large pores between 10-100 μm in 
diameter, (Figure 3.2A). This contrasts to the non-macroporous hydrogels that do not show pores 
(Figure 3.2B).  The inverse opal hydrogels did not show clear SEM images, presumably because 
of their low polymer hydrogel volume fractions which caused them to collapse on drying. 
Figure 3.2- SEM micrographs. A. Hydrogel fabricated using the vortexing method shows large pores of 10-100 
μm in diameter. B. A non-macroporous hydrogel shows no pores 
Equation 3.1 
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 pH Volume Phase Transitions of Macroporous Hydrogels 
We fabricated pH responsive hydrogels by copolymerizing acrylic acid which has a pKa 
of ~4.73. At elevated pH values the hydrogel carboxyl groups deprotonate attaching charges to the 
hydrogel network. These charges localize counterions around them that generate osmotic pressures 
that swell the hydrogel.  
According to Flory-Huggins theory, the osmotic pressure induced by the deprotonation of 
the carboxyl group is counterbalanced  by the osmotic pressure from the crosslinked hydrogel 
network 32. The crosslinked hydrogel network osmotic pressure is dominated by the polymer chain 
crosslinks. However, the introduction of voids in the  hydrogel network affects the hydrogel 
elasticity and its mechanical properties 52. The voids decrease the contribution of the elastic free 
energy to the osmotic pressure due the decrease in the hydrogel polymer network volume fraction. 
This decrease in the elastic free energy contributions should increase the magnitude of the hydrogel 
VPT.  
Figure 3.3- Comparison of pH dependence of the swelling ratio of macroporous hydrogels compared to a non-
macroporous hydrogel. Error bars indicate one standard deviation.  
25 
Thus, macroporous hydrogels are expected to have an increased VPT pH response 
compared to that of non-macroporous hydrogels. To confirm this expectation, we compared the 
pH dependence of the swelling ratio, Q of macroporous to non-macroporous, hydrogels (Figure 
3.3), where Q, was calculated as shown in Eq 3.1.  
Between pH 3.2 to 4.1 the non-macroporous hydrogel responsivity, (∆Q/∆pH) is 
0.92±0.08. A ~3-fold larger responsivity occurs for the macroporous vortexed hydrogel (2.6±0.2). 
The responsivity is increased 10-fold compared to the, non-macroporous hydrogel for the inverse 
opal hydrogel (9.9±0.4).  A vortexed hydrogel in the absence of acrylic acid shows no significant 
volume response over this same pH range. 
We examined the dependence of hydrogel pH responsivity on the effective relative 
crosslinker concentration (Figure 3.4). We expect that effective relative crosslinker concentration 
will scale as the product of the crosslinker concentration (CC) added, and polymer volume fraction, 
as decreased by the incorporated voids: ERC=Cc (1 −  𝑓𝑓), where f is the void volume fraction;  the 
hydrogel volume fraction = 1 for the non-macroporous hydrogels.  
The macroporous hydrogel volume fraction was determined from the measured hydrogel 
density.  The hydrogel densities were determined from the weights and volumes of the hydrogel 
Figure 3.4- Hydrogel responsivity dependence on Effective Relative Crosslinking Con- centration (ERC). The 
data fit the relationship Responsivity ≈ 2*ERC−1.5 . 
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samples. The hydrogel density is the volume fraction weighted sum of the water equilibrated 
hydrogel density and the water filled void density, assumed to be that of water, ρMH =ρw f + ρH (1-
f), where ρMH  is the macroporous hydrogel density, ρw is the density of the hydrogel water bubbles 
and ρH is the density of the non-macroporous pure hydrogel. 
We prepared both a vortexed and an inverse opal macroporous hydrogel. From their 
measured densities we calculated that the vortexed hydrogel volume fraction, to be 0.55, while the 
inverse opal hydrogel volume fraction was 0.30. A perfect close packed inverse opal hydrogel 
would have volume fraction of 0.26.  Our hydrogel volume fractions were generally larger, due to 
a lack of close packing.  The hydrogel pH responsivity, as shown in Figure 4, is approximately 
inversely proportional to the ERC. This is expected due to the expected non-linear inverse 
relationship between the number of crosslinks and the hydrogel swelling ratio 5,32  
We prepared hydrogels with different ERC by varying the BIS crosslinker concentrations 
between 0.5 and 1 % for vortexed and inverse opal hydrogels.  We found that we could prepare an 
inverse opal hydrogel with an estimated ERC ~0.3 % that shows a responsivity of ~14.3 by using 
a 1% BIS crosslinkier concentration and a hydrogel volume fraction of 0.3. Alternatively, we 
prepared a vortexed hydrogel with the same responsivity of ~14.3 by using 0.5% BIS and a 
hydrogel volume fraction of 0.45. Interestingly, the vortexed hydrogel with 0.5% BIS appears to 
have significantly lower mechanical strengths; the hydrogel broke into multiple pieces after 3 
swelling ratio measurements. In contrast, the inverse opal hydrogel with 1 % BIS appears more 
mechanically robust; it did not fall apart after 3 measurement cycles.  
This increased mechanical robustness presumably results from a decreased hydrogel 
brittleness due to the increase numbers of hydrogel voids which decreases the ability of fractures 
to successfully propagate 53,54. For example, voids in foam-like structures interfere with fracture 
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propagation in metallic foams 55. Thus, we conclude that increasing the void volumes in hydrogels 
should decrease fracture propagation, which should increase their mechanical strength. 
3.4 Conclusion 
We demonstrated an increased magnitude of VPT of macroporous hydrogels compared to 
those of non-macroporous hydrogels. We conclude that the incorporation of voids into the 
hydrogel network decreases the impact of the hydrogel crosslinking network elastic free energy 
constraints, which enables an increased hydrogel response. An increased magnitude of the VPT 
enables the fabrication of more responsive chemical sensors which enable lower limits of 
detection. We also demonstrated novel and simple vortexing and inverse opal fabrication methods 
that enable easy fabrication of macroporous hydrogels.  These macroporous hydrogels appear more 
mechanically robust than their non-macroporous counterparts. 
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4.0 Debye Ring Diffraction Elucidation of 2D Photonic Crystal Self-Assembly and 
Ordering at the Air-Water Interface 
This chapter was previously published as Smith, N. L.; Coukouma, A.; Dubnik, S.; Asher, 
S. A., Physical Chemistry Chemical Physics 2017, 19 (47), 31813-31822 
Author Contributions: A.E.C. and N.L.S. fabricated samples, collected data, and analyzed 
data. N.L.S. collected 2DPC SEM images. The MATLAB program that calculated the 2D pair 
correlation function from SEM images of the 2DPC was written and run by A.E.C. The manuscript 
was prepared by N.L.S with assistance from S.A.A. 
We fabricate 2D Photonic Crystals (2DPC) by spreading a dispersion of charged colloidal 
particles (diameters= 409, 570, and 915 nm) onto the surface of electrolyte solutions using a needle 
tip flow method. When the interparticle electrostatic interaction potential is large, particles self-
assemble into highly ordered hexagonal close packed (hcp) monolayers. Ordered 2DPC efficiently 
forward diffract monochromatic light to produce a Debye ring on a screen parallel to the 2DPC. 
The diameter of the Debye ring is inversely proportional to the 2DPC particle spacing, while the 
Debye ring brightness and thickness depends on the 2DPC ordering. 
The Debye ring thickness increases as the 2DPC order decreases. The Debye ring ordering 
measurements of 2DPC attached to glass slides track measurements of the 2D pair correlation 
function order parameter calculated from SEM micrographs. The Debye ring method was used to 
investigate the 2DPC particle spacing, and ordering at the air-solution interface of NaCl solutions, 
and for 2DPC arrays attached to glass slides. Surprisingly, the 2DPC ordering does not 
monotonically decrease as the salt concentration increases. This is because of chloride ion 
adsorption onto the anionic particle surfaces. This adsorption increases the particle surface charge 
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and compensates for the decreased Debye length of the electric double layer when the NaCl 
concentration is below a critical value. 
4.1 Introduction 
2-Dimensional photonic crystals (2DPC) are two dimensional dielectric periodic materials 
that control the propagation of light.1 2DPC are commonly fabricated using colloidal nano- or 
mesoparticles with a significant dielectric constant difference from that of the surrounding media. 
When the particle diameter is on the same order as the wavelengths of light, the individual particles 
will Mie scatter the incident light. For a colloidal crystal like the a 2DPC, visible light is scattered 
from a periodic array of particles, causing interference of the scattered waves.2-3 Constructive 
interference of the scattered waves from the periodic lattice results in Bragg diffraction, which is 
analogous to x-ray diffraction from ordered atomic and molecular crystal structures.4-5 For 2D 
Bragg diffraction, white light is scattered by particles in a periodic monolayer such that each 
wavelength is diffracted at a particular angle.6 The forward diffracted light through a 2DPC film 
diffracts as a rainbow. The Mie scattering cross sections are large. Thus, these 2DPC diffract 
nearly all incident light into the Debye ring. 
These periodic, optical materials have numerous applications such as sensing,7-9 
waveguiding10-12, superhydrophobic and antifogging coatings.13-15 Further, these periodic 
materials are useful for fabricating SERS substrates16, for Localized Surface Plasmon Resonance 
Spectroscopy substrates17, and for particle lithography18-20. There is intense interest in the 
development of methods to fabricate large area, highly ordered 2DPC.18, 21 
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Nanoparticle 2D array self-assembly is the most commonly used technique to fabricate 
2DPC. Alternatively, AFM nano-lithographic techniques offer a high level of precision for 
fabricating 2DPC structures with few defects.22 Unfortunately, lithography is slow and limited to 
fabricating small areas. Self-assembly has the advantage of being less expensive than lithography; 
it can fabricate much larger areas in less time. Many methods have been developed to self-assemble 
nanoparticles into hexagonal close packed (hcp) ordered arrays, including the needle tip flow 
(NTF) method (which has recently been called micro-propulsive injection)10, 23 , spin coating24, the 
Langmuir-Blodgett technique18,25,26, wet coating27, floating28,29, and evaporation induced self 
assembly.30,31 
Each of the self-assembly methods constrain interparticle interactions such that a 
hexagonal close packed structure is the minimum free energy.32 The interactions that determine 
particle ordering differ between the different self-assembly techniques. For example, solvent- 
substrate and particle-substrate interactions that impact ordering in evaporation induced self- 
assembly methods16,33 do not significantly impact ordering for particles self-assembled at the air- 
water interface. The interparticle interactions are optimized for each different method to improve 
particle ordering to obtain large hcp crystal domains. Alternatively, post self-assembly methods to 
improve 2DPC order have also been investigated. Shinotsuka et al18 utilized ultrasonic annealing, 
or repeated compression cycles after self-assembly at the air-water interface to increase the 2DPC 
order through Oswald ripening of the colloidal crystal domains. 
In this work, we investigated the self-assembly of charged colloidal particles at the air- 
water interface using the needle tip flow method.23,24 Our objective was to control the 2DPC 
ordering by decreasing the electrostatic repulsions between particles by the addition of NaCl to the 
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water subphase. We monitored the 2DPC particle spacing and ordering by using Debye ring 
diffraction of visible light. 
4.2 Experimental 
 Materials 
Sodium 4-Vinylbenzenesulfonate, Ammonium Persulfate, 2,2`-Azobis(2- 
Methylpropionitrile), 1-Propanol, and 2-Hydroxyethyl Methacrylate were acquired from Sigma 
Aldrich (≥90% purity) and used as received. Styrene was acquired from Sigma Aldrich and 
purified by column chromatography. Methanol (>99.8%) and Sodium Chloride (>99.5%) were 
acquired from Fischer Scientific and used as received. 
 Polymerization and Characterization of Monodisperse Negatively Charged 
Polystyrene Nanoparticles 
Negatively charged PS nanoparticles with diameters of 915 nm were synthesized by 
dispersion polymerization using a procedure described by Zhang et al.35 Negatively charged 
polystyrene nanoparticles with diameters of 570 nm and 409 nm were synthesized by emulsifier 
free emulsion polymerization using a procedure described by Reese et al.36 
The weight percent of each PS particle dispersion was calculated by dividing the weight of 
dried particles by the original weight of the dispersion. The average particle diameter was 
determined by measuring the diameter of >150 particles in SEM micrographs using the National 
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Institute of Health program, ImageJ. SEM micrographs of 2DPC were obtained using a JEOL 
6390LV Scanning Electron Microscope. 
PS water dispersions were cleaned by centrifuging the particles into a pellet (10,000 RPM 
for 10 min) then redispersing them in nanopure water at least three times before use. The final 
volume of water added to the PS particle pellet was adjusted so that the final concentration is 15 
wt% PS particles in water. The zeta-potentials of the PS particles in nanopure water, or in 0.001, 
0.01, 0.1 or 1 M NaCl solutions were measured on a Brookhaven Zeta-PALS instrument. 
 2DPC Fabrication Using Needle Tip Flow Method 
We fabricated the 2DPC by self-assembling charged colloidal nanoparticles on a water 
surface using our Needle Tip Flow (NTF) method23 as shown in Figure 4.1. The 15 wt% PS 
nanoparticle aqueous dispersion is mixed with propanol to lower the particle dispersion surface 
tension. The NTF flow method utilizes the Marangoni effect, which drives the PS particles to 
spread on the water surface due to surface tension gradients. The Marangoni flow guides the 
particles towards areas with higher surface tension, this directs particles towards the dish outer 
edge. Therefore, particles radially spread outwards from the needle tip to the edge of the water 
surface as shown in Figure 4.1, part 3. The video provided in Appendix A demonstrates that the 
particles initially spread to cover the outer water surface at the edge of the dish. 
A 21-gauge needle is attached to a 1 mL plastic syringe containing ~0.6 mL of a 3:1 PS 
particle dispersion: propanol mixture. A 9 cm diameter, 6 cm deep glass crystallization dish is 
filled with nanopure water, or aqueous salt solutions containing 0.001, 0.01, 0.1 or 1 M NaCl. The 
vertically oriented needle pierces the water surface such that half of the needle tip beveled orifice 
bisects the water meniscus. The particle dispersion flow rate is controlled by the pressure applied 
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to the 1 mL syringe plunger. The particle dispersion that is layered on the water surface spreads 
onto the water surface until the surface becomes completely covered with particles. Once the water 
surface is filled with the particle monolayer, the particle dispersion will begin to disperse into the 
bulk water instead of spreading on the surface. The circular boundary of the self-assembled 2DPC 
along the outer edge of the water surface is easily observed as shown in Figure 2.1, part 3. The 
visually evident 2DPC boundary is monitored during particle deposition to determine the point 
when the water surface is filled with particles. The particle dispersion flowing onto the water 
surface is then stopped. 
Optical microscopy was used to obtain images of a 2DPC made from 915 nm particles at 
the air-water interface. A Leica TCS SP5 confocal laser scanning microscope with a Leica HCX-
PL APO 40x/0.85 objective was used to collect images in transmission mode, and the scan rate was 
100 Hz. 
The 2DPC is lifted from the water surface with a glass microscope slide (Figure 2.1, part 
4). The slide is vertically inserted into the water. The plane of the slide is then rotated to be parallel 
with the water surface while the slide lifts the self-assembled 2DPC from the water surface. The 
slide is placed on a flat surface and allowed to dry at room temperature. After drying, the 2DPC 
adheres to the microscope slide surface. 2DPC were fabricated using 409, 570, and 915nm diameter 
PS particles.  The particles were self-assembled on nanopure water surfaces, and on aqueous salt 
solutions containing 0.001, 0.01, 0.1, and 1M NaCl. Ten replicate samples were fabricated for each 




Figure 4.1- Schematic of needle tip flow 2DPC fabrication at the air-water interface. 1) Addition of propanol 
lowers the surface tension of the particle dispersion. 2) The dispersion is spread on the water surface through a 
needle tip at a constant rate. The surface tension gradient forces the particles to the outer edge of the water 
surface. 3) Appendix A contains a link to a video showing 2DPC self-assembly on the water surface. The 
boundary between the self-assembled 2DPC and the particle-free pure water surface is visually evident. The 
radius of this boundary decreases as more particles are spread onto the surface. 4) The 2DPC is lifted from the 
water surface by a microscope slide. 5) The wet slide with the lifted 2DPC is dried at room temperature. 6) After 
the water evaporation, the particles on the slide surface adhere to the microscope slide. 
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 2DPC Debye Ring Diffraction Measurements 
The ordered 2DPC efficiently forward diffract light. In the case of a perfectly ordered 
2DPC monochromatic light will be diffracted onto a screen parallel to the 2DPC monolayer as a 
hexagonal array of spots. These six spots correspond to the six reciprocal lattice vectors of the 2D 
close packed hexagonal particle array. 
If the self-assembled 2DPC consists of small crystallites that are rotationally disordered, 
the diffraction of normal incident monochromatic light will form a continuous ring, called the 
Debye ring, shown in Figure 4.2B. We measured the Debye ring diameter to calculate the 2DPC 
particle spacing. We can utilize the Debye ring thickness to monitor the 2DPC order, provided that 
the width of the Debye ring is limited by disorder and not by the laser beam spot size. 
For example, Figure 4.2 A shows the diffraction geometry used for measuring the Debye 
ring with a 406 nm violet laser diode (Thor Labs, 2.2 mm diameter spot size). The normally 
incident monochromatic light is forward diffracted at an angle, θ onto a screen parallel to the 2DPC 
plane. The diameter of the Debye ring projected onto the screen depends on both the 2DPC particle 
spacing, a and the distance, h between the 2DPC and the screen. 
The Debye rings were measured at five different locations on each 2DPC attached to the 





Figure 4.2- (A) Illustration showing the angles of diffraction for 406 nm light travelling through water, θw, and 
air, θa. The distance the light travels in each medium, hw and ha determines the final Debye ring diameter. (B) 
Photograph of the Debye ring. 
Debye rings. The average of the inner and outer diameters, d, gives us the Debye ring diffraction 
angle, θ (Equation 4.1), and the particle spacing, a (Equation 4.2).7, 37  
The Debye ring diffraction was also measured for a 915 nm 2DPC on the water surface. 
The measurements were repeated at least three times for the 2DPC on a nanopure water surface, 
and on 0.01 M, and 0.1 M NaCl solutions. The Debye rings were also measured for the 2DPC on 
the surface of the microscope slide directly after the 2DPC was lifted off the water surface. 
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As shown in Figure 4.3 the diffraction of the 2DPC lying on the water surface is shifted 
due to refraction of the light by the air-water interfaces. The Debye ring diameter of a 2DPC on 
the water surface will be smaller than that from an identical 2DPC on a glass slide. 
The diffraction angle in air, θa can be calculated from Debye ring diffraction measurements 
of a 2DPC on a water surface using Equation 4.3, which details the impact of Snell’s Law, θw=sin-




Figure 4.3- Cartoon showing the angles of diffraction for 406 nm light travelling through water, θw, and air, 
θa. The distance the light travels in each medium, hw and ha determines the final Debye ring diameter. 
Equation 4.3 
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 2DPC Ordering Analysis 
We examined the ordering of three 2DPC samples for each set of experimental conditions. 
We sputter coated the 2DPC on glass slides with gold for 90 sec (30 mA current) using a PELCO 
SC-7 sputter coater. The gold coated 2DPC were imaged using a scanning electron microscope 
(JEOL 6390LV SEM). Five SEM micrographs were collected from different areas of each 2DPC 
sample. Representative SEM images for each particle diameter and salt concentration are provided 
in Appendix A. These 2DPC images were used to calculate the 2D pair correlation function, g(r) 
(Equation 4.4).23,38,39 The pair correlation function calculates the number of particles (dn) within 
the area (da) of a ring having an inner diameter (r) and outer diameter (r+dr).  g(r) was calculated 
for shell radii ranging from 0 to 14, where dr was 0.016R0. Ro is the particle radius.  
A detailed description of our 2DPC ordering analysis and the MATLAB code written to 
calculate the 2D pair correlation function can be found in Appendix A. Briefly, the MATLAB 
circle finding algorithm, imfindcircles, was used to find the centers of the particles in each SEM 
micrograph. This function creates a matrix of the particle positions from which the pair correlation 
function can be calculated. A discrete Fast Fourier Transform (FFT) was then calculated for the 
function g(r)-1. The dimensionless order parameter (κ/κo) is calculated as the ratio of the FWHM 
of the FFT peak for a fabricated 2DPC, κ and the FWHM of the FFT peak for a perfect array, κo.23 




4.3 Results and Discussion 
 Needle Tip Flow Nanoparticle Self-Assembly at the Air-Water Interface 
The Needle Tip Flow (NTF) method for self-assembling charged nanoparticles at the air- 
water interface produces highly ordered 2DPC, with large crystalline domains (~100 µm2).23, 34 
The 2DPC can be fabricated on large area water surfaces (730 cm2 for a single needle tip) in ~2 
min using the NTF method (Figure 2.1). Gao et al10 fabricated very large area (~1m2) 2DPC using 
a micro-propulsive injection method, which is analogous to our NTF method. They were able to 
quickly fabricate very large areas of 2DPC at the air-water interface because the particle dispersion 
was spread on the water surface at multiple injection points using syringe pumps. 
The NTF flow method, described in previous papers10, 23, 34, 40, 41 utilizes Marangoni flow 
that spreads the PS particle dispersion on the water surface. The Marangoni flow results from 
surface tension gradients that generate surface fluid motion such that lower surface tension liquid 
regions are pulled towards regions of high surface tension. The 15 wt% PS nanoparticle aqueous 
dispersion contains propanol to lower its surface tension. The resulting Marangoni flow spreads 
the particle dispersion radially outwards from the needle tip to the edge of the water surface (Figure 
4.1, part 3). As shown by the video in Appendix A the particles spread as a monolayer onto the 
surface until the entire water surface is covered. 
The ordering of the self-assembled 2DPC depends on the rate of spreading and upon the 
detailed balance between attractive and repulsive particle interactions in the 2DPC film. Adding 
NaCl to the water subphase should decrease the electrostatic repulsions between these negatively 
charged particles. 
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This can be clearly shown by qualitatively viewing the 2DPC ordering in SEM micrographs 
as shown in Figure 4.4 1a-1c. 2DPC fabricated on higher concentration salt solutions are clearly 
less ordered. We can quantitatively determine the 2DPC order by calculating the 2D pair 
correlation function, g(r), from these SEM micrographs. 
Figure 4.4- SEM micrographs (1a - 3a) of 2DPC of 915 nm PS particles prepared on solutions of increasing 
salt concentrations (pure water, 0.01 M NaCl and 0.1 M NaCl). (1b - 3b) Photographs of polychromatic 
light diffraction of 2DPC prepared on solutions of increasing salt concentrations. The diffraction 
polychromatic dispersion becomes more diffuse and less intense at larger salt concentrations. (1c - 3c) 
Photographs of Debye ring diffraction of normally incident 405 nm monochromatic light at increasing salt 
concentrations. Debye ring diffraction photograph of the 2DPC at 0.1 M NaCl was edited with regards to 
brightness/contrast and color balance so that the Debye ring could be easily be observed. This diffuse Debye 
ring is very hard to photograph due to the weak diffraction intensity. 
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Alternatively, we can quantitatively determine the 2DPC ordering without perturbing the 
sample by monitoring the Debye ring diffraction. Samples probed using the Debye ring diffraction 
method can be used in future experiments, unlike samples that are sputtered with gold prior to SEM. 
 Estimating 2DPC Order from Debye Ring Measurements 
Most of the light incident on the 2DPC is diffracted into the Debye ring.42 Unlike for the 
case of 3D Bragg diffraction, 2DPC planes forward diffract polychromatic light such that each 
wavelength diffracts at a discrete angle, 𝜃𝜃 as shown in Figure 2.4 1b-3b according to the 2D Bragg 
diffraction condition (Equation 4.5) for a 2DPC particle array with spacing, a.  
For normally incident monochromatic light to the 2DPC plane, as shown in Figure 4.2, 
sinα = 0, and Equation 4.5 becomes Equation 4.2. Thus, the light is forward diffracted at an angle, 
𝜃𝜃 that depends on the particle spacing, a, of the 2DPC array and the detailed 2DPC particle 
ordering. If a single 2DPC domain is irradiated, six spots are diffracted onto the screen (Figure 4.4 
1c). These six spots correspond to the six reciprocal lattice vectors of the 2D hcp particle array. 
The fabricated 2DPC studied here often show a distribution of randomly oriented 2D crystallites. 
Simultaneous irradiation of numerous crystalline 2DPC domains give rise to diffraction of a 
continuous Debye ring (Figure 4.4 2c-3c). The diameter of the Debye ring, determined by the 
diffraction angle 𝜃𝜃, is inversely proportional to the 2DPC particle spacing, a. 
Figure 4.4 illustrates the impact of 2DPC disorder on the diffraction. The decreasing 2DPC 
ordering of the particle array self-assembled on water, 0.01 M NaCl, and 0.1 M NaCl is evident in 
the SEM micrographs in Figure 4.4 a1-a3. As the 2DPC order decreases, the forward diffracted 
Equation 4.5 
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white light intensity decreases (Figure 4.4 1b-3b), while the Debye ring thickness increases (Figure 
4.4 1c-3c). The Debye ring width (w), can be used to monitor the 2DPC order and particle spacing 
on the glass slides, as well as, at the air-water interface, without perturbing the 2DPC. 
The disordered 2DPC Debye rings will be broader than Debye rings from highly ordered 
2DPC. The disordered 2DPC Debye ring broadening results from variations of particle spacing 
within the probed areas as shown in Figure 4.5. We are assuming the broadening contribution from 
the finite crystallite size is negligible compared to the laser beam spot size. 
The hexagonal close packed (hcp) crystal shows the smallest plane spacing possible. This 
plane spacing will diffract light into the maximum diffraction angle for this particle diameter. 
The Debye ring width of a perfectly ordered close packed 2DPC is only limited by the 
incident laser spot size. Less ordered crystals will diffract light into smaller diffraction angles. The 
sum of these contributions broadens the Debye ring. The outer Debye ring diameter does not 
change because it is fixed at the minimum particle spacing of the 2DPC lattice. In contrast the 
Debye ring inner diameter will shrink with increasing disorder as the average particle spacing 
increases. In general, the standard deviations of the Debye ring measurements increase as the 
2DPC disorder increases, because the particle spacing is more heterogeneous. 
The Debye ring width and calculated particle spacing change of the 2DPC adhered to glass 
slides are shown in Figure 4.6 and Figure 4.7, respectively for 570 nm and 915 nm diameter particle 
arrays fabricated on water and on NaCl solutions. The particle spacings were calculated using 
Equation 4.1 and Equation 4.2. The average of the inner and outer Debye ring diameter was used 
to calculate the average particle spacing. 
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Figure 4.5- SEM images of 915 nm particle 2DPC (A) self-assembled on pure water and (B) on 0.1 M NaCl. 
(A)shows a well ordered 2DPC where the particle spacings show little variation. (B) shows a highly disordered 
2DPC. The areas outlined in red are where the particle arrays assembled into a square lattice instead of a 







Figure 4.6- Dependence of Debye ring widths of 570 nm and 915 nm 2DPC as a function of the NaCl 
concentration. 
The average salt induced particle spacing change is the difference between the particle 
spacing of the 2DPC fabricated on a salt solution and the particle spacing of the 2DPC fabricated 
on pure water, ∆a=a[NaCl] - awater. The increasing particle spacing change results from the decreased 
inner diameter of the Debye ring. 
Figure 4.7- Particle spacing change, ∆a=a[NaCl] – awater, for 570 and 915 nm 2DPC as a function of NaCl 
concentration. Particle Spacing is calculated from the Debye ring diameter measurements. 
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We expect the Debye ring width to monotonically increase with NaCl concentration. The 
2DPC ordering is determined by the balance of attractive and repulsive interactions between 
particles at the air-water interface.21 The addition of salt to the water subphase should 
monotonically decease the electrostatic repulsions between particles. This leads to “faster” 
assembly of particle arrays because the probability of particle adhesion between colliding particles 
increases, leading to disordered particle aggregates that can serve as nucleation sites for crystal 
growth. The formation of randomly ordered particle clusters prevent 2D array annealing, where 
particles repel each other and arrange into a structure that minimizes the total energy of the system. 
In contrast, our results indicate the 2DPC order is relatively unaffected by low 
concentrations of salt in the water subphase. The Debye ring width that is indicative of the 2DPC 
order, at low NaCl concentrations does not significantly differ from that of 2DPC fabricated in 
pure water. We find that there is a critical salt concentration, C* of NaCl required to induce 
significant disorder. This critical salt concentration depends on the particle diameter, C*≈ 0.01 M 
NaCl for the 570 nm diameter particle 2DPC, while C*≈ 0.1 M NaCl for the 915 nm particle 2DPC. 
We examined the salt concentration dependence of the order parameter, 𝜅𝜅/𝜅𝜅𝑜𝑜 from our 
measured 2D pair correlation function, g(r) (Equation 4.4) from SEM micrographs of the same 
samples used for our salt concentration Debye ring width measurements. We also studied 409 nm 
diameter particles to examine the dependence of the 2DPC ordering on the particle diameter. The 
salt concentration dependence on the order parameter, 𝜅𝜅/𝜅𝜅𝑜𝑜 of the fabricated 2DPC, determined 
from the FFT of (g(r)-1), is shown in Figure 4.8. The threshold for disorder occurs when 𝜅𝜅/𝜅𝜅𝑜𝑜 
>1.5. 
The 2DPC order estimated from measurements of Debye ring width appears consistent 
with the detection of disorder from 𝜅𝜅/𝜅𝜅𝑜𝑜 calculated from SEM micrographs. The order parameter 
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results confirm that 2DPC order does not significantly decrease until the salt concentration exceeds 
the critical salt concentration. Analogous to the Debye ring width results, C* increases with an 
increasing particle diameter. The salt concentration at which 𝜅𝜅/𝜅𝜅𝑜𝑜>1.5 is 0.001 M NaCl for 409 
nm diameter particles, 0.01 M for 570 nm particles, and 0.1 M NaCl for 915 nm particles. This 
dependence of the 2DPC ordering on the particle diameter and salt concentration is discussed 
below. 
These results clearly indicate that the Debye ring width can be used to monitor the 2DPC 
order. This Debye ring width dependence is important because it enables non-destructive 2DPC 
order determinations of fragile systems such as the 2DPC at the air-water (or oil-water) interface. 
 2DPC Ordering and Particle Spacing at the Air-Water Interface 
Three decades ago, Pieranski43 showed that charged colloidal particles trapped at the air- 
water interface would self-assemble into ordered particle monolayers. Since then numerous 
additional methods were developed to fabricate close packed and non-close packed ordered 
particle monolayers, and to transfer them onto solid substrates.3,21,44,45 Each new method developed 
Figure 4.8- Dependence of the 2DPC order parameter, 𝜅𝜅/𝜅𝜅o on salt concentration for 409, 570 and 915 nm 
particle diameters. The horizontal line indicates 𝜅𝜅/𝜅𝜅𝑜𝑜 = 1.5, above which disorder is present. Error bars indicate 
95% confidence intervals. 
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tuned the interparticle interactions to optimize the array ordering. Often, the ordering was 
monitored by determining the pair correlation function of images collected using Electron 
Microscopy23,45,46 or AFM3. Any conclusions drawn from these SEM images must account for 
2DPC disorder and particle spacing changes induced by transfer of the 2DPC from the air-water 
interface to the substrate and the impact of drying. 
Optical microscopy has been used to investigate the particle array ordering at the air- water 
interface.31, 43, 47 Confocal laser scanning microscopy is a powerful tool to investigate interfacial 
particle ordering, but the experiments require expensive optics and objectives. 
Confocal microscopy measurements are also complicated by motion of the air-water 
interface. In contrast, the Debye ring diffraction measurements allow us to easily probe the 2DPC 
ordering and particle spacing at the air-water interface using a laser pointer and a ruler or calliper. 
The 2DPC particle spacing at the air-water interface is calculated from the Debye ring 
diameter using Equation 4.2 and Equation 4.3. We also compared the spacings of the 2DPC 
transferred from these interfaces to wet and dry microscope slides. The post-transfer measurements 
were taken prior to evaporation of the thin water film on the microscope slide surface, where the 
particles are still trapped at this air-water interface. The Debye ring was also measured after slide 
water evaporation, where the 2DPC adheres to the slide. Figure 4.9 shows the salt concentration 
dependence for the Debye ring width of the 915 nm diameter 2DPC at the air-water interface of 
pure water, 0.01 M NaCl, and 0.1 M NaCl. The calculated particle spacings of these 2DPC samples 
are shown in Figure 4.10.  
With the exception of the 0.1 M NaCl samples, the Debye ring widths are the same for the 
2DPC at the air-water interface, on the wet slide, and when dried on the slide, indicating that the 
2DPC transfer to the slide, and drying has little impact on the array ordering. The Debye ring width 
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of the 2DPC at the air-water interface of the 0.1 M NaCl samples may be slightly larger than the 
Debye ring width after transfer to the slide. 
 At 0.1 M NaCl concentrations, the particles spread from the needle tip increasingly 
disperse into the bulk water, increasing the turbidity of the water subphase. This turbidity partially 
obscures the diffuse Debye ring and makes it more difficult to measure its width. However, it is 
clear that the Debye ring widths of the 0.1 M NaCl samples are at least 2X greater than the widths 
of the 2DPC samples fabricated at lower salt concentrations. 
 The 2DPC particle spacing, a does not significantly change upon 2DPC transfer to the 
slide and the subsequent 2DPC drying. The 2DPC particle spacing at the air-water interface is very 
close to that found for the 2DPC on the wet and dried glass slides; these calculated particle spacings 
are roughly equal to the particle diameter when the 2DPC is well ordered. Thus, the NTF method 
produces self-assembled, highly ordered, hexagonal close packed (hcp) particle array monolayers 
at the air-water interface. These results are confirmed by confocal microscope imaging of the 915 
nm 2DPC at the air-water interface, shown in Figure 4.11. These results are significant because it  
Figure 4.9- Debye ring width, w of 915 nm diameter particle 2DPC at different stages of fabrication. 2DPC 
were fabricated by self-assembly of 915 nm PS particles on pure water, 0.01 M NaCl and 0.1 M NaCl. Error 
bars represent one std. dev. 
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Figure 4.10- Dependence of 2DPC particle spacings for 915 nm diameter particle 2DPC at different stages of 
fabrication. The Debye ring was measured for a 2DPC at the air-water interface of the crystallization dish (on 
liquid), at the air-water interface after the 2DPC and a thin water layer are transferred to a slide (wet slide), 
and after the 2DPC is dried on the slide (dry slide). 2DPC were fabricated by self-assembly of 915 nm PS 
particles on pure water, and in the presence of 0.01M NaCl and 0.1M NaCl. Error bars represent one standard 
deviation. 
shows that highly ordered close-packed 2DPC can be straight-forwardly fabricated at the air-water 
interface and transferred to substrates without disrupting 2DPC ordering or particle spacing. 
It was recently proposed for the analogous micro-propulsive injection method10 and other 
methods21,48 that capillary attractive interactions between particles during water evaporation play a 
significant role in formation of the close packed structure. We believe we have shown that for the 
NTF method immersion capillary forces described by Kralchevsky and Nagayama48 do not play a 
significant role in the formation of the close packed structure. The close packed particle array 
structure is present at the interface. 
In a Langmuir-Blodgett trough, close packed hexagonal arrays are formed by compressing 
the monolayer to the close packed particle spacing after the particles are spread on the water 
surface.49 This requires large amounts of sample and instrumentation that controls barrier 
movement and monitors the surface pressure. The NTF method is an improvement on the 
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commonly used Langmuir-Blodgett method because it is faster, eliminates expensive 
instrumentation, avoids compression of the monolayer, and uses less sample. 
 Electrostatic Interactions of Charged Particles at the Air-Water Interface 
The electrostatic interactions of charged colloidal particles at the air-water interface are 
different than the interactions of charged colloidal particles dispersed in solution. Interfacial 
particles are partially exposed to water so that only the charged groups on the water exposed 
particle surface can dissociate.50, 51 The asymmetric ion cloud of the particle creates a dipole 
moment normal to the air-water interface.19, 52 Thus, the electrostatic repulsive interaction 
Figure 4.11- Confocal microscope image of 915 nm particles at the air-water interface fabricated using the NTF 
method. The levels, thresholds, and sharpness in the image were edited using GIMP software so that the 
particles are clearly visible. 
Equation 4.6 
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potential, 𝜓𝜓𝐸𝐸S (Equation 4.6) of charged interfacial particles has contributions from the screened- 
Coulomb repulsions (first term of Equation 4.6) and dipole-dipole repulsions (second term of 
Equation 4.6).53, 54 The term s is the distance between particle surfaces, q is the particle charge, ℒ𝐷𝐷 
is the Debye screening length, and ε is the average of the air and water dielectric constants. 
The screened-Coulomb repulsions decay rapidly with distance away from the particle. This 
short-range interaction dominates 𝜓𝜓𝐸𝐸S when the separation between particles is small. The dipole-
dipole repulsions are long range interactions that dominate the potential when distances between 
particles are large.53 These long-range repulsive forces have been experimentally observed,43, 55 
theoretically derived,53 and modeled56 for charged particles at the air-water or air- oil interface. If 
the particles are not constrained to a small finite surface area, the dipole-dipole repulsions will 
create hexagonal particle arrays with spacings larger than the particle diameter.55 
The electrostatic interaction potential between particles decreases exponentially with 
distance between particles. The decay rate of the electrostatic interactions increases at higher salt 
concentrations. The particle surface charges electrostatically interact with ions in solution creating 
the electric double layer in the electrolyte solution surrounding the particle. Increasing the ion 
concentration in solution more effectively screens the electrostatic repulsive forces between the 
ionic interfacial particles and their electric double layers. The electric double layer thickness is 
roughly given by the Debye length, Equation 4.7, for a 1:1 electrolyte.57-59 The double layer 
thickness decreases with increasing salt concentration.  
The Debye length of charged particles in electrolyte solutions decreases monotonically 
with increasing salt concentration. ℒ𝐷𝐷 is 966 nm for particles in pure water (assuming an ion 
concentration of 10-7 M), 9.7 nm in 0.001 M NaCl, 3.1 nm in 0.01 M NaCl, 0.97 nm in 0.1 M 
Equation 4.7 
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NaCl, and 0.31 nm in 1 M NaCl. Accordingly, it is expected that the electrostatic repulsive 
interaction potential will monotonically decrease as salt concentration increases, which should 
have negative consequences on 2DPC ordering. Despite the seemingly straight forward 
relationship between salt concentration and the Debye screening length, both the Debye ring 
measurements and order parameter calculations show that 2DPC close packed self-assembly and 
ordering is not impeded by low salt concentrations using the NTF method. In contrast, at NaCl 
concentrations exceeding 0.01 M NaCl there is a dramatically increased disorder, indicating there 
is a mechanism counter-balancing the decrease in 𝜓𝜓𝐸𝐸S caused by decreasing ℒ𝐷𝐷. 
 Mechanism of Self-Assembly for Close Packed Particle Arrays at the Air-Water 
Interface 
The charged particles dispersed in a water/propanol mixture flow onto the air-water 
interface from the needle tip due to the large surface tension gradient between the particle 
dispersion and the water surface.23, 34, 60 The interfacial particles are transported via Marangoni 
flow across the water surface towards interfacial areas with the highest surface tension. 
Marangoni flow induces the in-plane packing of the particles against the walls of the 
circular crystallization dish. The particles fill the water surface moving inward from the walls of 
the dish. This packing force thrusts the particles together so that particles order into a close packed 
hexagonal array. 
The packing force is counter-balanced by the strong electrostatic repulsions that prevent 
interparticle adhesion and aggregation of random clusters. The electrostatic repulsive interactions 
between highly charged particles on a pure water surface are larger than the combined attractive 
Van der Waals interactions and the packing force. The interparticle surface spacings of 2DPC 
57 
fabricated by the NTF method are small, therefore the screened-Coulomb repulsions are the 
dominant electrostatic force driving self-assembly of ordered 2DPC. 
The particle mobility gained from the strong electrostatic repulsions give the individual 
particles time to anneal. Here the term anneal is used to describe the process where individual 
particles are capable of jiggling around each other on the crowded air-water interface to form the 
ordered hexagonal 2D particle array with a minimum energy structure. 
At low and modest salt concentrations, the particles do not contact one another. The 
separated particles have a thin water layer between them which lubricates the particle annealing 
process, to form 2D colloidal crystals. At higher salt concentrations, the electrostatic repulsive 
interactions are weak and particles approach one another more closely. This increases the 
probability of interparticle adhesion caused by Van der Waals forces where they collapse into their 
primary minimum, or they suffer polymer entanglements that could also lead to particle sticking. 
This stabilizes disorder by slowing or preventing annealing. Disordered 2D arrays form with 
increased average interparticle spacing and larger Debye ring widths (Figure 4.6 and Figure 4.7). 
This disorder stems from the aggregation of randomly ordered particle clusters. 
The unexpected behaviour of the 2DPC ordering as the ionic strength increases appears to 
result from adsorption of Cl- onto the polystyrene particles as is independently shown by the salt 
concentration dependence of the Zeta potential, 𝜉𝜉 shown in Figure 4.12. Chloride anions have been 
previously shown to adsorb to anionic polystyrene surfaces, increasing the electrophoretic mobility 
of the particles up to a critical salt concentration.61, 62 Increasing the salt concentration further, 
decreases the electrophoretic mobility due to the collapse of the electric double layer in the high 
ionic strength solution. 
58 
The increase in 𝜉𝜉 (more negative) for anionic polystyrene colloids at low concentrations of 
NaCl salt results from chloride adsorption.61, 62 𝜉𝜉 reaches a minimum at a NaCl concentration 
that is consistent with the critical salt concentration, C* determined from the ordering results. At 
larger salt concentrations, 𝜉𝜉 decreases sharply (less negative) due to compression of the diffuse 
electric double layer and counter-ion screening. The critical salt concentration, C* at which this 
transition occurs is dependent on particle diameter. Again, we find the same C* for a certain 
particle diameter in the Zeta-potential data as in the Debye ring diffraction and order parameter 
results.  
The similarity between the zeta potential, Debye ring measurement, and calculated order 
parameter results suggests adsorption of Chloride ions onto the polystyrene surface increases the 
particle anionic surface charge significantly and counteracts the decreasing ℒ𝐷𝐷. Chloride ions 
adsorbed to the polystyrene surface act as potential determining ions to increase interparticle 
electrostatic repulsions; this results in better annealing and therefore better ordering of the self- 
assembled 2DPC. 
Figure 4.12- Zeta-potentials (mV) for 409, 570, and 915 nm diameter anionic polystyrene particles in solutions 
as a function of NaCl concentration. Error bars indicate one standard deviation. 
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4.4 Conclusions 
We have shown that utilization of Debye ring measurements is a viable method for 
monitoring 2DPC ordering for colloidal particle arrays having diameters roughly the size of the 
wavelengths of visible light. This method could be extended to larger or smaller particles by 
utilizing Infrared or UV light and a detector. The Debye ring thickness is a reliable indicator of 
2DPC order because 2DPC disorder creates larger average particle spacings that decrease the 
Debye ring inner diameter. Conclusions on 2DPC ordering drawn from Debye ring measurements 
are consistent with the order parameter found by analysing SEM micrographs of the 2DPC. 
Using the Debye ring method, we show the NTF method for self-assembly of 2DPC 
produces highly ordered hexagonal close packed (hcp) monolayers of colloidal particles 
(diameters= 409, 570, and 915 nm). While investigating the relationship between 2DPC ordering 
and Debye ring diffraction, we discovered that disorder in the 2DPC does not monotonically 
increase as salt concentration increases. This behaviour is attributed to chloride anion adsorption 
to the particle surface. The behaviour of the Zeta potential of particles in salt solutions is analogous 
to the 2DPC ordering results for 2DPC fabricated on salt solutions. This leads to the conclusion 
that chloride adsorption increases the particle surface charge which compensates for the decreasing 
Debye length at low or moderate salt concentrations. 
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5.0 Mechanisms by which Organic Solvent Exchange Transforms Responsive Hydrogels 
into Responsive Organogels 
This chapter was published as Smith, N. L.; Coukouma, A.E.; Jakubek, R.S.; Asher, S. A. 
Biomacromolecules 2019 
Author Contributions: A.E.C and N.L.S. fabricated samples and measured swelling 
ratios. A.E.C. performed titration experiments. N.L.S performed Cryo-SEM imaging at the 
University of Minnesota Characterization Facility with assistance from Chris Frethem and 
Hanseung Lee. N.L.S. measured the organogel NIR absorbance and calculated the solvation shell 
waters. R.S.J. performed the UVRR experiments and calculations of protein secondary structure. 
N.L.S determined VPT mechanisms with assistance from S.A.A and A.E.C. The manuscript was 
prepared by N.L.S with assistance from S.A.A. 
 Responsive pure protein organogel sensors and catalysts are fabricated by replacing the 
aqueous mobile phase of protein hydrogels with pure ethylene glycol (EG). Exchanging water for 
EG causes irreversible volume phase transitions (VPT) in bovine serum albumin (BSA) polymers; 
however, BSA hydrogel and organogel sensors show similar volume responses to protein−ligand 
binding. This work elucidates the mechanisms involved in this enabling irreversible VPT by 
examining the protein secondary structure, hydration, and protein polymer morphology. 
Organogel proteins retain their native activity because their secondary structure and hydration shell 
are relatively unperturbed by the EG exchange. Conversely, the decreasing solvent quality initiates 
polymer phase separation to minimize the BSA polymer surface area exposed to EG, thus 
decreasing distances between BSA polymer strands. These protein polymer morphology changes 
promote interprotein interactions between BSA polymer strands, which increase the effective 
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polymer cross-link density and prevent organogel swelling as the mobile phase is exchanged back 
to water. 
5.1 Introduction 
Hydrogels and organogels are versatile materials with numerous applications as sensors,1−5 
catalysts,6,7 drug delivery materials,8,9 tissue engineering scaffolds,10 wound dressings,11 
membranes,12 and mechanical actuators.13 These responsive materials consist of two primary 
components: a stationary phase made up of a 3-dimensional chemically or physically cross-linked 
polymer network and a liquid mobile phase that facilitates diffusion and mass transport within the 
polymer network. Hydrogels contain an aqueous mobile phase, whereas organogels contain an 
organic solvent mobile phase. 
Our group pioneered the development of photonic crystal- based colorimetric chemical 
sensors14,15 that utilize the hydrogel volume phase transition (VPT) responses to external stimuli 
such as pH, light, and chemical analytes.4,16−19 Hydrogels or organogels that have molecular 
recognition groups attached to the polymer network selectively undergo VPT in response to a 
specific analyte.17,18,20,21 This analyte induced VPT shifts the embedded photonic crystal particle 
spacing, thus shifting the photonic crystal light diffraction.14−16 These VPT involve distinct 
changes in the hydrogel/organogel volume in response to small changes in the hydrogel/organogel 
chemical environment.22 These volume changes are caused by osmotic pressures, Π, which derive 
from changes in the Gibbs free energy, ΔGtotal.23,24 Osmotic pressures in the system induce 
mass transfer of the mobile phase: either partitioning the mobile phase into the polymer network 
to cause swelling, or expelling the mobile phase to cause shrinking. When the polymer and 
 
70 
mobile phase are at equilibrium, Πtotal = ∂ΔGtotal/∂V = 0. In general, for hydrogel/ organogel 
chemical sensors, analyte recognition must induce a change in the Gibbs free energy to actuate a 
VPT. 
Recently, we developed several stimuli responsive pure protein hydrogels that sense pH, 
glucose, yeast cells, drugs, surfactants, and fatty acids.3,5,25 These protein hydrogels have selective 
chemical responses because the constituent proteins show specific molecular recognition. There 
exists a large body of research developing functional pure protein hydrogels using a variety of 
fabrication methods, such as glutaraldehyde cross- linking, or enzyme catalyzed cross-linking of 
proteins, and self-assembly of engineered proteins.6,7,9,26−28 
There are very few studies of pure protein organogels,29,30 despite the intense interests in 
utilizing protein chemistries in organic solvents for industrial applications such as enzymatic 
synthesis of pharmaceuticals and biofuels,31,32 as well as for sensing and degrading toxic 
compounds important to the defense industry.33,34 Organic solvents typically denature proteins and 
significantly decrease protein reactivity.35 This has led to the development of several techniques 
to stabilize proteins against denaturation or deactivation by organic solvents.36−38 
We very recently developed methods to fabricate stimuli responsive pure protein 
organogels for sensing and catalysis applications.39 The pure protein organogels are fabricated from 
pure protein hydrogels by using a stepwise solvent exchange that replaces the aqueous mobile 
phase of pure protein hydrogels with ethylene glycol (EG). Chemically cross-linked pure protein 
polymer hydrogels are fabricated by polymerizing protein monomers in solution using 
glutaraldehyde. The proteins are immobilized by this protein polymerization such that the proteins 
retain their native reactivity after the aqueous mobile phase is replaced with pure EG. Protein 
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immobilization is a widely used strategy to stabilize proteins against denaturation, which typically 
enhances protein activity in organic solvents.36,37,40−44 
We believe that our photonic crystal BSA organogel sensor39 is the first reported responsive 
pure protein organogel to exhibit a VPT in response to ligand binding. The polymerized BSA in 
the organogels bind the same ligands as do the BSA hydrogels3 and the native protein 
monomers.45,46 The BSA hydrogels and organogels also exhibit similar VPT responses to ligand 
binding, swelling when BSA binds charged ligands like ibuprofen and fatty acids. 
Recent publications have investigated conformational changes98 and phase transitions99 in 
dipeptide organogels. For example, Yuan et al.99 demonstrated that self-assembled 
diphenylalanine organogels are responsive to changes in the solvent composition. The addition of 
chloroform to the hexafluoropropanol/toluene mobile phase caused organogel swelling, whereas 
the addition of water caused a gel to crystal transition. The development of more selective 
responsive hydrogel and organogel materials is enabled by utilizing proteins instead of simple 
dipeptide molecules because proteins have evolved to have specific ligand binding pockets. 
However, the responsive protein polymers reported on here and in our previous publication39 
have substantially more complex polymer−mobile phase interactions compared to the 
homogeneous dipeptide organogels, due to their heterogeneous composition of 20 possible 
amino acids, leading to interesting VPT phenomenon in response to environmental changes. 
The water to EG solvent exchange that transforms responsive BSA hydrogels into 
responsive BSA organogels induces a large VPT that decreases the organogel volume as the 
concentration of EG in the mobile phase increases. As shown herein, this solvent exchange induced 
VPT is irreversible; rehydrating the BSA organogel by exchanging the EG mobile phase back to 
water does not result in reswelling. 
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This VPT irreversibility is enabling for developing our selective protein organogel sensors 
because it creates chemical sensors that are insensitive to fluctuations in humidity and water 
concentration, thus increasing their potential applications. EG was utilized as the mobile phase due 
to its low vapor pressure. Protein organogels that utilize an EG mobile phase are more resistant to 
evaporation compared to protein hydrogels, increasing the time scales these responsive materials 
can function when exposed to ambient conditions. Thus, these responsive protein organogels with 
low vapor pressure mobile phases could be utilized for sensing gas phase analytes. EG is 
hydroscopic, therefore, the organogel’s insensitivity to the EG water content is highly 
advantageous for developing gas sensing materials as it eliminates false negatives and positives 
that may result from changes in humidity. 
In this work, we characterize the protein secondary structure, protein hydration, and the 
protein polymer morphology in the BSA hydrogels, organogels, and water incubated organogels 
in order to elucidate the mechanisms involved in this irreversible VPT. The BSA secondary 
structure in the hydrogel, organogel, and water incubated organogel is determined using the UVRR 
AmIII3 band frequencies that are sensitive to changes in the peptide secondary structure.47 The 
protein solvation shell water layer in the BSA organogel is estimated using the strong NIR 
absorbance of water. Cryo-SEM is used to image the morphology of the BSA hydrogels and water 
incubated organogels, elucidating the super- molecular structure of the protein polymer networks. 
The change in the protein polymer surface area exposed to the mobile phase is determined by 
titrating the BSA amino acid carboxyl groups. 
We discuss the chemistry and mechanisms involved in the BSA hydrogel to organogel 
transformation that result in this large irreversible VPT shrinking. VPT that dramatically decrease 
the volume of cross-linked polymer networks are often driven by polymer phase separations; for 
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example, the extraordinarily large VPT of p(isopropylacrylamide) hydrogels is caused by lower 
critical solution temperature phase separation, which is initiated by a hydrophobic collapse of 
the isopropyl groups from water.48,49 We posit that the origin of the irreversible VPT stems from 
interprotein interactions formed during the BSA polymer phase separation. These interprotein 
interactions act as additional polymer network cross-links that prevent BSA polymer swelling of 
the water incubated organogel. 
5.2 Experimental Section 
 Materials  
BSA (>98%; lyophilized powder, essentially fatty acid free) and Sigmacote were 
purchased from Sigma-Aldrich and used as received. Glutaraldehyde (50 wt %) in water was 
purchased from Sigma-Aldrich and diluted to 12.5 wt % glutaraldehyde with nanopure water. 
Ethylene glycol (certified, <0.2% water) was purchased from Fisher Chemical and used as 
received. Nanopure water was produced using a Barnstead NANOpure infinity system. Type A 
brass planchets  were purchased from Ted Pella. 
 Fabrication of BSA Hydrogel, Organogels, and Organogel Incubated in Water  
BSA hydrogels were fabricated by polymerizing BSA monomers in solution using 
glutaraldehyde to form covalent linkages between BSA lysine residues, as described in our 
previous publications.3 Glass microscope slides were treated with Sigmacote to make their surfaces 
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hydrophobic. A ∼410 μm thick spacer was created by adhering layers of 3 M Scotch Magic 
Greener tape along the four edges of the slide. The spacer ensures that the polymerized hydrogel 
film has a uniform thickness. 
A 200 mg/mL BSA stock solution was prepared by dissolving lyophilized BSA powder in 
nanopure water. BSA hydrogel polymerization was initiated by adding 64 μL of a 12.5 wt % 
glutaraldehyde solution to 1.0 mL of the BSA stock solution. The solution was shaken to mix the 
components, and then poured onto the glass slide within the spacer. A second glass slide was 
placed on top and pressed firmly into the spacer to expel excess solution. The BSA/glutaraldehyde 
solution was polymerized for 3 h at room temperature. After polymerization, the slides were 
separated, releasing the BSA hydrogel films. BSA hydrogels were washed with large amounts of 
nanopure water for 2 days to remove unreacted BSA and glutaraldehyde. 
BSA organogels were fabricated by using a stepwise solvent exchange process that 
replaces the aqueous mobile phase with EG.39  BSA hydrogels were incubated in aqueous solutions 
containing increasing concentrations of EG for 24 h each during which the solvent was replaced 
3 times with ∼250 mL of fresh solution. The samples were placed on a shaker to mix the BSA 
gels and solution during the exchange. The BSA hydrogels were transferred from nanopure water 
to 30% (v/v) EG in water, then to 50% (v/v) EG in water, and then to 70% (v/v) EG in water. 
Finally, the BSA gels were equilibrated with pure EG for 2 days to complete the solvent 
exchange. The ∼250 mL volume of pure EG was replaced 6 times over those 2 days to ensure 
that excess water was removed from the mobile phase. 
Water incubated BSA organogels were fabricated by exchanging the pure EG mobile phase 
of BSA organogels back to pure water. The stepwise solvent exchange described above was 
reversed; BSA organogels were incubated for 24 h on the shaker in 70% (v/v) EG, followed by 
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50% (v/v) EG, and then 30% (v/v) EG. The ∼250 mL volume of solvent was replaced 3 times each 
day. Finally, the organogels were incubated in nanopure water for 3 days where ∼250 mL of fresh 
water was replaced 4 times daily to ensure that all the EG was removed from the mobile phase. 
 Volume Phase Transition Measurements  
Directly after polymerization of the BSA hydrogels, before washing the hydrogels in water, 
the hydrogel films were cut into smaller square pieces using a razor blade. The dimensions of each 
piece were measured using a digital micrometer. The precisely measured hydrogel samples were 
washed in nanopure water followed by the stepwise solvent exchange steps described above. The 
dimensions of the hydrogel/organogel samples were measured after incubation in each solvent 
composition. The BSA hydrogel pieces exist as free-floating films that appear to swell 
isotropically. Therefore, the hydrogel and organogel volumes can be calculated from the measured 




, where Ai and Vi are the initial area and volume of 
the BSA hydrogel piece directly after polymerization, while A and V are the area and volume of 
the BSA hydrogel or organogel after incubating in a particular EG/water solution. 
The initial BSA concentration in the hydrogel directly after polymerization is 200 mg/mL. 
This concentration corresponds to an initial BSA polymer volume fraction of ϕi = 15%, given the 
specific volume of BSA in water is 0.734 cm3/g.50 The BSA polymer volume fraction in the 
hydrogel or organogel after swelling or shrinking in solvent is calculated using the volume 





 UV Resonance Raman Spectroscopy of BSA Hydrogels and Organogels 
UV Resonance Raman (UVRR) spectroscopy was used to investigate the secondary 
structure of BSA monomers free in solution and polymerized BSA in the hydrogel, organogel, and 
water incubated organogel. 
The instrumentation used was previously described in detail by Bykov et al.51 We 
generated ∼204 nm excitation light by first frequency tripling the fundamental of a Nd:YAG laser 
to ∼355 nm. The ∼355 nm light was then Raman shifted to ∼204 nm using the fifth anti-Stokes 
harmonic of hydrogen gas (30 psi). The 204 nm light was focused onto a spinning Suprasil quartz 
NMR tube containing the sample, and a ∼165° backscattering geometry was used to collect the 
scattered light. The scattered light was dispersed using a home-built double spectrometer in a 
subtractive configuration. The dispersed light was imaged using a liquid nitrogen cooled back-
thinned CCD camera (Princeton Instruments) with a Lumogen E coating. 
 NIR Absorption Measurements of BSA Organogel Water Content  
The strong water absorption band at 1915 nm was used to calculate the water content in 
BSA organogels using a protocol similar to that of our previous publication.16 The NIR absorption 
between 1400 and 2000 nm was measured for solutions containing 1.6 mL of EG and 0, 5, 10, 15, 
20, and 25 μL water in a 5 mm path length quartz cuvette. 
The absorption of 1 and 2 layers of the BSA organogel film was also measured. The 420 μm 
thick organogel film was cut to the size of the cuvette inner wall (∼1 cm × 4 cm). Excess EG on 
the surface of the organogel films was removed by blotting the films with filter paper until the 
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surface appeared dry. The film was then placed on the wall of the quartz cuvette. Experimental 
details of these measurements are provided in the Supporting Information. The Supporting 
Information   also includes the NIR absorbance of the EG/water solutions and the BSA organogels, 
the calibration curve for water absorption in EG at 1915 nm, and discusses the calculation of the 
water concentration in the organogel. 
 Cryo-SEM of BSA Hydrogels and Water Incubated BSA Organogels 
5.2.6.1 Preparation of BSA Solution, BSA Hydrogel, and Water Incubated BSA Organogel 
Samples for Cryo-SEM  
Cryo-SEM imaging was performed at the University of Minnesota College of Science and 
Engineering Characterization Facility in collaboration with Chris Fretham and Hanseung Lee. 
BSA was dissolved in nanopure water to make 200 mg/mL BSA solutions. The BSA 
solution samples were prepared for Cryo-SEM by sandwiching a 3 μL aliquot of this BSA solution 
between two brass planchets. The Ted Pella Type A planchets were 3 mm in diameter. They 
contained a 2 mm diameter, 100 μm deep well in the center. The cylindrical cavity between the 
planchets that contained the samples was 200 μm thick. 
The BSA hydrogel samples were prepared by polymerizing the BSA/glutaraldehyde 
solution between two Type A brass planchets, in the 2 mm diameter, 200 μm thick cavity. The 
surface of the brass planchets was abraded prior to hydrogel polymerization to promote adhesion 
between the hydrogel and planchet so that the hydrogels fractured after freezing. 
Cryo-SEM imaging requires sublimation of the water mobile phase to reveal the polymer 
stationary phase. Protocols to flash freeze pure EG and subsequently sublimate the EG mobile 
phase do not currently exist. Therefore, the EG mobile phase was exchanged back to water to form 
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the water incubated organogel as described above. The thickness of the water incubated organogel 
film was between 0.18 and 0.2 μm after the solvent exchange process was completed. A specialized 
die was fabricated by the University of Pittsburgh machine shop and used to cut 1.8 mm diameter 
discs from the BSA organogel films. These organogel discs fit snuggly into the 2 mm diameter/0.2 
mm thick cavity between the two Type A brass planchets. 
High pressure flash freezing of the samples between brass planchets was done using a 
BAL-TEC HPM 010 high pressure freezing machine at 2100 bar with liquid nitrogen (LN2). High 
pressure freezing promotes formation of vitreous ice and prevents the formation of ice crystals that 
can destroy the delicate network structure.52 Samples were stored under constant cryogenic 
temperatures. 
The planchets containing frozen samples were affixed to the sample holder while still 
immersed in a LN2 bath. A photograph of the sample holder is shown in Figure S1 of the 
Supporting Information. The sample holder was then transferred to the Leica EM ACE600 high 
vacuum sputter coater using the Leica VCT100 shuttle. The Leica VCT100 shuttle and the Leica 
EM ACE600 instrument were cooled with LN2 prior to transferring the samples. It is important 
that the sample remains at cryogenic temperatures to avoid ice crystal formation. The pressure 
and temperature inside the chambers were maintained at 1.5 × 10−5 mbar and at −166 °C. A cold 
knife was used to remove the top planchet, fracturing the sample to reveal the inner hydrogel and 
organogel polymer networks. 
Vitrified ice in the interstitial spaces of the protein polymer network was removed by 
sublimation, a process sometimes referred to as Cryo-etching.52 The temperature inside the 
chamber was increased from −166 to −100 °C at a rate of 3 °C/min. The pressure was kept at 1.5 
× 10−5 mbar. The sample was held at −100 °C for 40 min to allow significant sublimation of vitreous 
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ice at the surface. This reveals the protein polymer network. A cold trap kept at −160 °C was placed 
over the sample to prevent sublimated water vapor from condensing back onto the sample. After 
40 min, the temperature was decreased to −115 °C, halting the sublimation of water. After 
sublimation, samples were sputter coated, depositing a 2.5 ± 0.03 nm layer of platinum on the 
sample. The thickness of the Pt coating was determined by the frequency shift of a quartz crystal 
oscillator, calibrated for the density of the Pt deposited. 
5.2.6.2 Cryo-SEM of Frozen Hydrated BSA Hydrogels and Water Incubated Organogels  
The samples were transferred to the Hitachi SU8230 field emission gun scanning electron 
microscope under vacuum at cryogenic temperatures in the Leica VCT100 shuttle. The Leica 
VCT100 Cryo-stage temperature was maintained at −115 °C throughout imaging. Samples were 
examined using low accelerating voltages (0.8−2 kV) to avoid charging and subsequent damage to 
the sample. Samples were left in the SEM chamber overnight under vacuum after Cryo-SEM 
imaging was complete. As the temperature inside the vacuum chamber slowly increased throughout 
the night, the samples became freeze-dried. The freeze-dried samples were imaged the next day 
before the SEM was cooled with LN2. The stage temperature was ∼10 °C during SEM imaging of 
the freeze-dried samples. 
We used the NIH software ImageJ53 to analyze the BSA polymer networks in the Cryo-
SEM micrographs. The BSA polymer strand diameters, pore diameters, and the length of the 
protein polymer strands were measured in several Cryo-SEM images and averaged. 
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 Titration of BSA Hydrogels and Water Incubated Organo gels 
 BSA hydrogels were prepared as described above and cut to various sizes directly after 
polymerization before incubating in water. The concentrations of BSA in these BSA hydrogels are 
200 mg/mL. The area of each freshly prepared 420 μm thick BSA hydrogel piece was measured 
and the moles of protein contained in each BSA hydrogel piece was calculated from its volume. 
The hydrogel samples were then equilibrated in nanopure water. 
Half of the BSA hydrogel samples were transformed to BSA organogels using the stepwise 
EG exchange process. These organogel samples were then rehydrated with nanopure water by 
reversing the stepwise solvent exchange process. These samples were then incubated in water for 
3 days, during which the water was replaced twice daily with fresh nanopure water. 
The BSA hydrogels and water incubated organogels were placed in 2 mL of pH 7.5 
nanopure water. The pH was monitored using a Hanna Instruments HI5522 pH meter with a Hanna 
Instruments HI1083 microelectrode as 5−20 μL aliquots of 0.1 M HCl titrant were added to the 
solutions containing the gels. After each addition of HCL, the solution was mixed for 15 min 
before the pH was recorded. The pH was then plotted against 𝑚𝑚𝑚𝑚𝑚𝑚 𝐻𝐻𝐻𝐻𝑚𝑚 𝑎𝑎𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑
𝑚𝑚𝑚𝑚𝑚𝑚 𝐵𝐵𝐵𝐵𝐴𝐴
. Six replicate 
measurements were performed for both the BSA hydrogels and water incubated organogels. 
Figure 5.1- (A) BSA protein structure showing lysine residues highlighted in red. Structure obtained from 
RCSB Protein Data Bank, 3V03. Image made using PyMol software. (B) One of the possible glutaraldehyde 
interprotein cross-linking reactions; the aldehyde and lysine amine group form a Schiff base that covalently 




5.3 Results and Discussion 
Responsive pure protein hydrogels are fabricated by polymerizing BSA protein monomers 
using glutaraldehyde to form covalent linkages between BSA lysine residues (Figure 5.1). 
Glutaraldehyde is a commonly used protein cross-linker and fixative that has little impact on the 
native protein structure and the native protein reactivity.41,54 We use the term “interprotein cross-
links” to specifically describe the short glutaraldehyde linkages between BSA proteins in the pure 
protein polymer chains. This is distinct from the polymer cross- links that define points where the 
protein polymer chains interconnect to form the 3-dimensional hydrogel polymer network. 
Glutaraldehyde is most reactive toward lysine residues on the protein surface.54 BSA 
contains 60 lysine residues, 34 of which are located on the BSA surface (Figure 5.1A) and are 
available for glutaraldehyde interprotein cross-linking.55 The BSA surface lysine residues are up 
to 20−24 Å apart.55 Glutaraldehyde reacts in aqueous solutions to form a mixture of glutaraldehyde 
monomers and glutaraldehyde polymers of various lengths.54  Thus, both interprotein and 
intraprotein cross-linking can occur. 
Intraprotein cross-linking is favored at low protein and glutaraldehyde concentrations.54 At 
high protein concentrations and at higher glutaraldehyde/protein ratios (typically>25), interprotein 
cross-linking is favored.54 The 27 glutaraldehyde/BSA ratio that was used to polymerize the 200 
mg/mL BSA solution should favor interprotein cross- linking over intraprotein cross-linking, 
forming a polymer of covalently linked protein monomers. One possible interprotein cross-linking 
reaction is shown in Figure 5.1B, where monomeric glutaraldehyde reacts with two lysine residues 
to form a Schiff base. The formation of interprotein cross-links is evident from the formation of 
the insoluble protein polymer network that makes up the hydrogel. These elastic BSA hydrogels 
are sufficiently robust to be easily handled. 
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 Cryo-SEM Imaging of BSA Hydrogel Morphology and Topology  
We utilized Cryo-SEM to image the BSA hydrogel morphology in the hydrated state.52,56,57 
The hydrogel morphology is defined as the supermolecular structure of the 3D polymer network 
that gives rise to the polymer strand diameters, polymer strand lengths, and the network pore 
sizes.58,59 Polymer morphology can significantly impact the hydrogel properties, such as their 
swelling behavior, which affects hydrogel sensing and drug release behaviors, and their 
mechanical properties.12,60 For example, hydrogel networks with increased cross-link density form 
increasingly more robust materials that exhibit smaller VPT in response to analyte  recognition. 
Macroscopically, our BSA hydrogels are transparent and appear to be homogeneous films. 
These BSA hydrogel films also exhibit homogeneous and isotropic VPT swelling in response to 
hydrogel protein−ligand binding.3,39 At the nano- and/or microscale, the BSA hydrogel 
supermolecular structure appears relatively heterogeneous, as shown in Figure 5.2. The BSA 
hydrogel network pore sizes have a large distribution of diameters, ranging from ∼50 to ∼200 
nm. 
The Cryo-SEM micrographs reveal a discernible BSA polymer network once the 
vitreous ice is sublimed from the sample (Figure 5.2A−D). The 40 min sublimation time removes 
most of the bulk water near the sample surface, revealing the protein polymer network morphology 
of our frozen hydrated BSA hydrogel. Figure 5.2B shows an area with many patches of vitreous 
ice remaining on the sample. The red arrow in Figure 5.2B points to one of these remaining 
vitreous ice patches. BSA is a hydrophilic water-soluble protein. Thus, solvation shell waters will 
be difficult to sublimate under these conditions in 40 min and will tend to remain bound to the 
polymerized BSA. Shown in Figure 5.2A−D, the hydrogel consists of a 3D network of 
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interconnected thin BSA polymer strands. The BSA polymer strand diameters were measured in 
areas where vitreous ice had mostly sublimated, as shown in Figure 5.2D. 
Figure 5.2- Cryo-SEM of frozen hydrated BSA hydrogels (A−D) and of BSA monomer solutions prior to 
polymerization (E), and a non-Cryo-SEM of a BSA hydrogel that was freeze-dried (F). Frozen hydrated BSA 
hydrogels are shown at 20K magnification (A); 70K magnification (B), red arrow points to vitreous ice 
remaining in the sample; 70K magnification (C), red box indicates the area that is enlarged in Figure 2D. (D) 
Enlarged area from Figure 2C where the thin BSA polymer strands are clearly visible. The red line highlights 
one of the measured protein polymer strand lengths. (E) Cryo-SEM of BSA monomer solutions before 




The BSA hydrogel is primarily composed of BSA polymer strands having diameters of 
∼15 ± 5 nm. These ∼15 nm BSA polymer strand diameters are roughly the width of a single 
hydrated BSA protein monomer. X-ray diffraction measurements of BSA crystals determined that 
the BSA monomer has dimensions of ∼4 × 6.5 × 7.5 nm3.61 We expect that the measured 
dimensions of a single BSA in our samples will be larger than the crystal structure dimensions due 
to its bound water layers and its Pt coating. Terahertz spectroscopy has shown that the water 
solvation shell can extend up to ∼0.8−1.5 nm from the protein surface.62,63 The 2.5 nm Pt sputter 
coating will also increase the dimensions of the hydrated BSA polymer strands. These measured 
BSA polymer strand diameters (Figure 5.2) are roughly similar to the expected dimension of a 
single, Pt coated, hydrated BSA protein. 
From these high resolution Cryo-SEM images of hydrated BSA hydrogels, we can detect 
the polymerized BSA hydrogel topology,64 i.e., how the BSA protein monomers are interconnected 
by the glutaraldehyde interprotein cross-linking to form the polymer network. The ∼single BSA 
diameter of the protein polymer strands indicates that most of the globular proteins are bound 
together into roughly linear BSA chains, reminiscent of a pearl-necklace-like structure. Polymer 
Figure 5.3- Proposed BSA hydrogel topology based on the Figure 5.2 Cryo-SEM images. Black arrows point to 
polymer cross-links, where a BSA forms interprotein cross-links that connect two polymer strands. Red arrows 
point to the different protein polymer strands that are colored red, green, and pink. 
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cross-links in the BSA hydrogel network are created by a protein that forms ≥3 interprotein cross-
links that connect two or more of these BSA polymer strands, as illustrated in Figure 5.3. 
We can approximate the molecular weight between cross- links in the BSA hydrogel 
network by estimating the number of proteins (MW: 66 463 g/mol BSA) in the polymer strands 
between polymer cross-links. The red line in Figure 2D highlights a measured polymer strand 
length. The BSA polymer strand lengths correspond to ∼5−30 BSA proteins; i.e., the molecular 
weight between cross-links in the BSA polymer network is between ∼3 × 105 and 2 × 106 g/mol. 
The polymer cross-link density is the dominant factor determining the elastic free energy 
storage of the responsive BSA hydrogel.23,65 Increasing the polymer cross-link density limits VPT 
swelling and shrinking. The cross-link density is inversely proportional to the average molecular 
weight between cross-links. 
There are clear differences between the BSA hydrogel morphology (Figure 5.2A−D) and 
the morphology of the BSA monomer solution before glutaraldehyde polymerization (Figure 
5.2E). Cryo-SEM images of the BSA monomer solution lack   the   characteristic   interconnected   
polymer   network observed for the BSA hydrogels. This difference between the glutaraldehyde 
polymerized BSA hydrogel and the BSA monomer solution confirms that predominantly 
interprotein cross-links are formed by the polymerization of 200 mg/mL BSA solutions at a 
glutaraldehyde/BSA protein ratio of 27. 
Cryo-SEM is uniquely able to probe hydrated samples like hydrogels without significantly 
altering the protein polymer morphology.56,57,66 In contrast, non-Cryo/traditional SEM techniques 
require sample drying prior to SEM imaging. Drying the hydrogel results in the collapse of the 
polymer network. It is much more difficult to observe and measure the individual polymer strands 
in non-Cryo-SEM images where BSA hydrogel samples are freeze-dried (Figure 5.2F). Freeze- 
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dried BSA hydrogel samples also appear to have smaller pores compared to those of the frozen 
hydrated samples (Figure 5.2A−D). 
 EG Solvent Exchange Causes Irreversible VPT 
 The stepwise solvent exchange from water to EG transforms responsive BSA hydrogels 
into responsive BSA organogels that sense protein−ligand binding in the pure organic solvent 
environment.39 This EG exchange causes a large VPT that decreases the organogel volume. This 
VPT is irreversible with respect to the mobile phase composition. Attempting to rehydrate the BSA 
organogel by reversing the stepwise solvent exchange back to water does not cause organogel 
swelling. The volume swelling ratios, V/V0 (red circles), and the resulting BSA polymer volume 
fractions, φ (black squares), are shown in Figure 4, beginning with the initial BSA hydrogel 
directly after glutaraldehyde polymerization (φ = 15 vol %), and for each subsequent solvent 
exchange step in the hydrogel to organogel transformation. 
Figure 5.4- Dependence of the BSA polymer volume fraction, ϕ (left axis, black squares), and the swelling ratio, 
V/Vi (right axis, red circles), as a function of mobile phase composition during the stepwise water to EG 




The BSA hydrogel initially swells when incubated in water after polymerization until the 
system comes to equilibrium:Π =  ∂ΔGtotal
𝛿𝛿𝑉𝑉
 = 0. BSA hydrogel swelling in nanopure water 
decreases the BSA polymer volume fraction from φ = 15 vol % to φ = 6 vol % BSA. 
The hydrogel then shrinks as the concentration of EG in the mobile phase increases. The 
final organogel volume equilibrated in pure EG is roughly half that of the initially fabricated 
hydrogel. This produces an organogel where the BSA polymer volume fraction is φ = 27 vol %. 
Rehydrating the organogel by exchanging the EG mobile phase back to water does not 
cause organogel swelling. The BSA organogel does not reswell after incubating in water for over 
7 days, nor does it swell when the solution is mildly heated to 45 °C. This temperature is below 
the 57 °C temperature that induces BSA conformational changes.67 Above 57 °C, swelling may 
result from protein unfolding. The BSA polymer volume fraction of these water incubated BSA 
organogels is equal to that of the BSA organogel in EG, φ= 27 vol % BSA. 
Flory polymer solution theory is often used to describe the VPT phenomenon,23 which 
describes the VPT in terms of osmotic pressures in the system that drive the volume change. These 
osmotic pressures derive from Gibbs free energy changes in the polymer−mobile phase system. 
The change in the total Gibbs free energy, ΔGtotal, has contributions from free energy of mixing 
changes, ΔGmix, elastic free energy changes, ΔGel, and ionic free energy changes, ΔGion.21,68 
Changes in the mobile phase composition often induce ΔGmix. Typically, ΔGel and ΔGion are 
expected to be small for a simple solvent exchange. 
The VPT that results in a dramatic decrease in volume suggests that phase separation of 
the BSA polymer and mobile phase occurs during the water to EG exchange. The irreversibility 
very generally indicates that there is a hysteresis in the total Gibbs free energy between the BSA 
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hydrogel and water incubated BSA organogel. The mechanisms of this phase separation and the 
origin of this irreversible VPT are discussed below. 
 BSA Hydrogel, Organogel, and Water Incubated Organogel Secondary Structures  
The secondary structures of BSA hydrogels, organogels, and water incubated organogels 
were investigated using UV Resonance Raman (UVRR) spectroscopy. UVRR spectroscopy is a 
powerful tool for investigating the hydrogen bonding,69,70 solvation environ- ment,71,72 and   
secondary   structure47,73,74 in proteins.75,76 
UVRR measurements were performed with an excitation wavelength of ∼204 nm that is 
in resonance with the secondary amide π → π* transitions of the polypeptide backbone.76 This 
enhances the Raman scattering of vibrations that couple to the backbone amide electronic 
transitions.76 
Figure 5.5- UVRR spectra of BSA hydrogel (blue), BSA organogel (red), and BSA hydrogel−organogel 
difference spectrum (green). The broad AmIII3 band at ∼1240−1270 cm−1 results from the distribution of 
peptide backbone Ψ angles used to calculate the protein secondary structure. Spectral differences at ∼1460 cm−1 




The UVRR enhanced amide III3 band frequency is highly sensitive to the Ramachandran 
Ψ torsion angles of the peptide backbone, enabling quantitative analysis of the protein secondary 
structure.47,74 The AmIII3 band, found in the ∼1200−1300 cm−1 spectral region, consists primarily 
of C−N stretching and NH bending of the peptide bond.76 The frequency of the AmIII3s band 
sinusoidally depends on the Ramachandran Ψ torsion angle of the peptide bond.47,74 Mikhonin et 
al. developed equations to calculate the Ramachandran Ψ angles from the measured AmIII3s 
frequencies.47 
The distribution of secondary structure populations in proteins gives rise to a particular set 
of Ψ angles. The secondary structure distribution inhomogeneously broadens the AmIII3 band. 
The secondary structures in our BSA proteins are determined from the broadened AmIII3 Raman 
bands. The AmIII3 band shape is fitted to a series of Lorentzians whose sum fits the AmIII3 Raman 
band shapes. Each Lorentzian band correlates to a particular Ψ angle frequency. The details of the 
calculated distribution of protein secondary structures in the BSA hydrogels, organogels, and water 
incubated organogels are provided in Appendix B. 
We reproduced UVRR measurements of the BSA hydrogel and BSA monomers in aqueous 
solution. The reproduced UVRR spectra, shown in Figure B.2, agree with previous measurements.3 
The AmIII3 band shapes of the polymerized BSA hydrogel and BSA monomer are essentially 
identical, indicating that the protein secondary structure is not perturbed by the glutaraldehyde 
interprotein cross-linking that forms the BSA polymer network. 
In both the BSA monomer and the BSA hydrogel, the fit of the AmIII3 band shape produces 
a dominant Lorentzian band at ∼1263 cm−1; this AmIII s frequency correlates to a Ψ angle of 
∼−47°.47,74 This Ψ angle derives from an α-helical secondary structure. The area under the 
Lorentzian band at 1263 cm−1 accounts for ∼65% of the total AmIII3 band intensity, indicating 
 
90 
that BSA is predominantly α-helical. Other investigations on native BSA monomers also found the 
BSA secondary structure to be ∼67% α-helical.77,78 
The BSA organogel AmIII3 band is shifted to a higher frequency from that of the BSA 
hydrogel (Figure 5.5). The negative peak in the hydrogel−organogel difference spectrum at ∼1265 
cm−1 (green spectrum in Figure 5.5) highlights the differences in the two AmIII3 bands. This 
indicates that the α- helix type AmIII3 band has an increased intensity in the organogel 
compared to the hydrogel. The BSA proteins in the organogel show a ∼4% increase in α-helical 
secondary structures compared to that of the BSA hydrogels. 
This result is consistent with previously reported data for immobilized albumins in the 
presence of EG.79,80 For example, Wasacz et al. used IR/ATR spectroscopy to investigate the 
structure of human serum albumin (HSA) that was adsorbed onto a substrate in water, EG, and 
methanol.79 They observed an increased intensity of the α-helix AmIII3 band when HSA was 
exposed to EG. Organic mobile phases generally decrease the solvent’s ability to compete for 
hydrogen bonds compared to water. As a result, the proteins form more intrapeptide hydrogen 
bonding which increases the propensity for α-helix and β-sheet secondary structure formation. 
Figure 5.6- UVRR spectra of (blue) BSA hydrogel, (red) BSA organogel incubated in water, and (green) BSA 
hydrogel−water organogel incubated in water difference spectrum. 
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The UVRR spectra of water incubated BSA organogels reveal that the ∼4% increase in the 
BSA organogel α-helical conformations is reversible when EG is exchanged back to water. The 
AmIII3 band for the water incubated organogel is essentially identical to that of the BSA hydrogel 
(Figure 5.6), indicating that the BSA hydrogel and water incubated organogel have similar 
secondary structures. 
The EG appears to be completely washed out of the organogel during the EG to water 
exchange. The intense EG Raman peak at ∼1460 cm−1 in the UVRR BSA organogel spectrum 
does not appear in the water incubated BSA organogel spectrum. 
We also examined the frequency of the AmI band of the BSA hydrogel, BSA organogel, 
and rehydrated BSA organogel. The AmI band in the ∼1650−1700 cm−1 spectral region consists 
predominantly of the C=O stretching motion of the peptide backbone.76 The BSA hydrogel, BSA 
organogel, and water incubated BSA organogel all have AmI bands at about 1665 cm−1. The 
constant AmI band frequency in the BSA hydrogel and organogel spectra indicates that the 
hydrogen bonding and dielectric environments of the protein backbone amides are similar for the 
polymerized BSA proteins in the water and EG mobile phases.69,70,75 This is unexpected since the 
dielectric constant of EG is significantly lower than that of water. This frequency would shift if 
the lower dielectric EG mobile phase caused disruptions to the H-bonding environment of the 
peptide backbone. AmI band frequency shifts in FT-IR spectra have been observed for HSA when 
bound water layers are stripped from the protein surface by the addition of EG.80 
 Water Content in BSA Organogels  
NIR absorption spectroscopy was used to measure the water content in our BSA organogels 
to elucidate the microenvironment around the proteins of the organogel. Water strongly absorbs 
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between 1900 and 1950 nm, whereas the EG has minimal absorption at these wavelengths.81 The 
Supporting Information includes the 1400−2000 nm NIR absorbance of BSA organogels, the 
absorbance of EG−water mixtures, and the dependence of the 1915 nm absorbance as a function 
of water concentration. 
Details on the calculations of the water molar absorptivity at 1915 nm, the water 
concentration in bulk EG, and the calculation of the water concentration in our BSA organogels 
are also included in the Supporting Information. 
The BSA organogels are in equilibrium with an EG mobile phase that contains ∼0.08 M 
water. The 1400−2000 nm NIR absorbance spectra of the BSA organogel films are shown in Figure 
S5 in the Supporting Information. The strong absorption around 1900 nm stems from water that is 
partitioned into the organogel films. From these absorbance measurements, we calculate that the 
maximum BSA organogel water concentration is 8.0 ± 0.2 M. 
To account for the small EG absorbance contributions to the total organogel absorbance, 
the absorbance of a 420 and 820 μm thick pure EG film was subtracted from the total BSA 
organogel absorbance. This subtraction overestimates the EG absorption since the EG content in 
the organogel is less than that of a pure EG film. The minimum BSA organogel water concentration 
is calculated using this EG subtracted absorbance. Our BSA organogels contain at least 6.5 ± 0.2 
M water. We assume that the increased water content in the BSA organogels relative to the bulk 
EG mobile phase stems from solvation shell waters that are bound to the polymerized BSA 
proteins. 
These BSA organogel water concentrations correspond to 1182−1475 water molecules per 
BSA protein. Small-angle neutron scattering experiments and theoretical calculations of a single 
water layer based on the BSA surface area have shown that the first solvation shell of BSA contains 
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∼1070 water molecules.63,82 Terahertz spectroscopy studies of albumin proteins in aqueous 
solutions found that the bound solvation shell waters, which have slower water relaxation times 
relative to bulk water, can extend ∼0.85 nm63 to ∼1.5 nm62 from the protein surface. Shiraga et 
al. estimated that the ∼0.85 nm solvation shell contains ∼3400 waters per BSA (3−4 hydration 
layers).63 
The polymerized BSA proteins in pure EG retain more than one hydration layer. The 
1182−1475 waters per BSA calculated in our BSA organogels correspond to 1.1−1.4 solvation 
Figure 5.7- Cryo-SEM images comparing the morphology of BSA hydrogels (A, B) to that of the water 
incubated BSA organogels (C, D) after 40 min of sublimation and the application of a 2.5 nm Pt sputter coat. 
(A) BSA hydrogel; 70K magnification. (B) Enlarged area of BSA hydrogel, indicated by the red box in Figure 
5.7A. (C) Water incubated BSA organogel; 50K magnification. (D) Enlarged area of water incubated BSA 
organogel, indicated by the red box in Figure 5.7C. 
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shells. The retained BSA solvation shell waters most likely account for the constant UVRR AmI 
frequency measured in the BSA hydrogels and organogels. 
This protein hydration layer is important for protein folding and the dynamics necessary 
for protein ligand binding and catalysis.83−86 For example, it has been experimentally observed 
that there is a critical hydration level required for enzymatic activity (∼a single monolayer of 
water).63,83,86 Our pure protein organogel sensors and catalysts39 retain much of their native protein 
activity in EG, at least in part, due to the retained hydration layers. A discussion on the retained 
protein hydration shell of BSA organogels is provided in Appendix B.  
 Water Incubated BSA Organogel Morphology  
Only the water incubated BSA organogels could be investigated using Cryo-SEM. The 
BSA organogels could not be imaged because the EG mobile phase could not be sublimed from 
the BSA polymer structure. We hypothesize that the BSA organogel and water incubated BSA 
organogel morphologies are roughly similar. The irreversibility of the VPT indicates that the 
largest polymer morphology changes occur during the water to EG exchange. We believe that 
additional significant morphology changes during the solvent exchange back to water are unlikely. 
The mobile phase exchange induces significant irreversible changes in the morphology of 
the BSA polymer network. As a result, there is an obvious difference between the BSA protein 
polymer network structure observed in Cryo-SEM images of the water incubated BSA organogel 
(Figure 5.7C,D) compared to that of the BSA hydrogel (Figure 5.7A,B). The water to EG exchange 
changes the BSA polymer morphology from an interconnected network of thin BSA polymer 
strands to a dense amorphous BSA polymer phase in the water incubated BSA organogel. This is 
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accompanied by a decrease in the polymer pore diameters compared to that of the BSA hydrogel. 
The water incubated BSA organogel pore diameters range from ∼5 to ∼30 nm. 
We could not resolve the individual BSA polymer strands in the dense amorphous BSA 
polymer phase. Thus, the topological properties of the organogel network, such as the number of 
interprotein cross-linked BSA in the protein polymer chains between polymer cross-links, cannot 
be estimated in the water incubated organogels, as we did for the BSA hydrogels. Thus, changes 
in the BSA polymer cross- link density cannot be determined from these Cryo-SEM images. 
From titration studies, we found that these morphology changes are accompanied by a 
decrease in the BSA polymer surface area that is accessible to the mobile phase. The change in the 
mobile phase exposed BSA polymer surface area was examined by titrating the pH sensitive 
amino acid carboxyl groups in the BSA hydrogels and in the water incubated organogels. 
BSA contains 39 aspartic acid residues (pKa 3.71) and 59 glutamic acid residues (pKa 
4.15).61 The H+ concentration required to titrate aqueous solutions containing BSA hydrogels or 
water incubated organogels from pH 6 to pH ∼ 3.35 is directly proportional to the number of BSA 
carboxyl groups protonated. Only mobile phase accessible carboxyl groups on the BSA polymer 
Figure 5.8- Titration curve of the BSA hydrogel before the water to EG exchange (blue), and the water incubated 
BSA organogel after the water to EG exchange and EG to water exchange (red). The titration is normalized to 
the number of moles of H+ added to solution per mole of BSA in the sample. 
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surface are titratable. Carboxyl groups buried by the BSA polymer morphology change are not 
titrated because mobile phase diffusion to the buried polymer surface area is significantly slowed. 
As shown in Figure 5.8, the water incubated BSA organogel titration curve is shifted to 
lower acid concentrations relative to that of the BSA hydrogel. The titration curves of the hydrogels 
and water incubated organogels can be directly compared because the titration is normalized to the 
number of moles of H+ added per mole of BSA in the hydrogel or water incubated organogel. 
The water incubated BSA organogels require ∼2-fold less acid to protonate all titratable 
aspartic and glutamic acid residues compared to that of the BSA hydrogels. These titration results 
directly demonstrate that the VPT phase separation irreversibly changes the BSA polymer surface 
area exposed to the mobile phase. The VPT renders about half the polymer surface area 
inaccessible to the mobile phase. 
It should also be noted that formation of amino acid side chain interactions may also occur 
during the phase separation and could contribute to the decrease in titratable carboxyl groups. 
Interactions between carboxylates and other amino acids may decrease the effective pKa of those 
carboxylates. For example, salt bridges could form between the carboxylates and positively 
charged amino acids to stabilize the charged species. 
 Mechanism of Irreversible VPT Caused by EG Exchange 
From these results, we are able to make certain conclusions on the mechanisms that actuate 
the VPT during the water to EG exchange. The large VPT that decreases the BSA organogel 
volume as a result of the EG exchange suggests that phase separation of the BSA polymer from 
the EG mobile phase occurs which induces a collapse of the polymer network. This BSA polymer 
phase separation is primarily driven by free energy of mixing changes, ΔGmix. The UVRR 
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experiments clearly demonstrate that the BSA secondary structure does not significantly change 
between the hydrogel and organogel. During fabrication of the BSA hydrogel, the proteins are 
immobilized by the glutaraldehyde cross-linking.43 Protein immobilization stabilizes the native 
protein conformation, which inhibits protein denaturation by the introduced organic solvent mobile 
Figure 5.9- Illustration of the proposed kinetic two-stage phase separation of the BSA polymer that occurs 
during the water to EG exchange. The first stage (1a−1b) involves a fast coil-to-globule transition of the BSA 
polymer strands. This coil-to-globule transition decreases the distance between BSA polymer strands. 
Polymerized BSA on different protein polymer strands can form interprotein interactions where the BSA 
polymer strands are in close proximity, highlighted by the blue circles in stage 1b. These additional interprotein 
polymer strand interactions formed during phase separation increase the polymer cross-link density through 
physical polymer cross-linking, thus, preventing organogel reswelling. The second slower stage (2a−2b) of the 
phase separation involves knotting of the localized globules in the network and entanglement of the BSA 
polymer strands. This second stage further increases the BSA polymer density, resulting in the very dense BSA 
polymer phase observed in the water incubated organogel Cryo-SEM. 
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phase.36 It is important to eliminate the possibility of protein structural changes because protein 
conformational changes could contribute to the VPT phenomenon,25 particularly if the induced 
conformational change exposes amino acid side chains buried in the native protein core. 
 The BSA polymer VPT that occurs during the EG exchange is not caused by protein 
conformational changes but rather is induced by an unfavorable change in ΔGmix, between the 
protein polymer and mobile phase as the concentration of EG increases.   The   hydrogel/organogel   
ΔGmix   is   primarily determined by the Flory−Huggins polymer−solvent  interaction parameter, 
χ.23,65 Polymers in a good solvent are highly swollen and have small χ values because 
polymer−solvent interactions are favorable. In contrast, polymers in a poor solvent have larger χ 
values, and contain little solvent because polymer−polymer interactions are more favorable than 
polymer−mobile phase interactions.87 Flory theory predicts that when χ ≥ 0.5, phase separation of 
the polymer from the mobile phase will occur due to enthalpic and/or entropic penalties resulting 
from the poor solvent interacting with the polymer chains.23,87 It is extremely difficult to parse out 
which entropic or enthalpic contribution dominates this phase separation process because the 
hydrogel and subsequent organogel have a highly complex system of interactions between the 
protein polymer and mobile phase. The proteins have polypeptide chains made up of a specific 
sequence of 20 possible amino acid (AA) residues that vary in their hydrophobic properties, charge 
state, and hydrogen bonding strength. This specific sequence of AA directs protein folding, leading 
to a protein conformation that exposes certain AA to the mobile phase and buries others in the core 
of the protein. Each AA in the protein will have different enthalpic and entropic contributions to 
the protein−mobile phase interactions depending on its chemical structure and depending on the 
neighboring amino acids. 
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The large swelling ratio of the BSA hydrogel in water indicates χBSA−water ≪ 0.5. The 
continuous decrease in BSA hydrogel volume that occurs upon EG exchange indicates that χ 
increases with increasing EG concentrations. When χ exceeds the critical value of 0.5, phase 
separation occurs. However, we cannot determine the EG concentration that initiates the phase 
separation from these existing data. A more careful investigation of the BSA hydrogel VPT 
generated with smaller incremental increases in the EG concentration is necessary. The critical EG 
concentration that induces phase separation could be determined through titration of the BSA 
polymer carboxyl groups after equilibration in each EG/water solution. A large decrease in the 
solvent accessible polymer surface area would elucidate the EG concentration at which phase 
separation occurs. 
This mobile phase exchange induced phase separation causes a collapse of the water 
swollen 3D protein polymer network. During phase separation, the polymer attempts to minimize 
its free energy, thus initiating conformational changes in the polymer strands that minimize its 
surface area in contact with the mobile phase.88 
Polymer phase separation in a poor solvent is thought to occur as a (at least) two-stage 
process: a fast polymer strand collapse that induces a coil-to-globule-like transition in the polymer 
strands, followed by a slower stage that involves knotting of those globules and entanglement 
of the polymer strands.89−91 We postulate that the BSA hydrogel to organogel transformation via 
the exchange from water to EG generates a similar kinetic two-stage phase separation, resulting in 
the dense amorphous BSA polymer phase observed in the water incubated organogel Cryo-SEM 
images, as illustrated in Figure 5.9. 
The first stage of the phase separation involves a coil-to-globule transition of the BSA 
polymer strands (Figure 5.9, stage 1a−1b). The thin BSA polymer strands in the water swollen 
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hydrogel have an extended coil-like conformation. These extended polymer strand conformations 
collapse into a globule-like conformation to minimize the polymer surface area in contact with 
the EG mobile phase. As depicted in Figure 5.9, stage 2a, this fast coil-to-globule transition creates 
localized high polymer density globules throughout the cross- linked network connected by 
stretched bridging BSA polymer strands.90 
The coil-to-globule transition is followed by globule knotting, where these localized 
globules coalesce into a very high density BSA polymer phase.89 Entanglement of the polymer 
strands within the dense BSA polymer phase also occurs in this second stage and increases over 
time.92 This kinetic two-stage phase separation that occurs during the BSA hydrogel to organogel 
transformation results in the amorphous dense BSA polymer phase observed in the water incubated 
BSA organogel Cryo-SEM images (Figure 5.9, stage 2b). 
The phase separation mechanisms of thermoresponsive polymers have extensively been 
studied, for linear poly(N-isopropylacrylamide),87,93 polystyrene,94 and poly(methyl 
methacrylate)91 polymer chains in solution. The phase separation of cross-linked poly(N-
isopropylacrylamide) hydro- gel networks has also been investigate in polymer micro- particles.49 
The rate of both stages of the phase separation is significantly slowed in a cross-linked polymer 
network due to the topological constraints compared to the linear polymer chains in solution. 
The VPT induced by phase separation in synthetic organic polymers is typically reversible. 
Entanglement of the polymer strands slows globule swelling in a good solvent.92 Hysteresis in the 
globule-to-coil transition of poly(N-isopropylacrylamide) polymers has been observed, where 
melting of the globule is slowed by physical entanglements formed in the globule state.95 
In contrast, our BSA polymer system exhibits a completely irreversible VPT. Negligible 
polymer swelling was observed upon the exchange back to water for several weeks. We 
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hypothesize that this irreversible VPT phenomenon of the pure protein polymer is caused by the 
formation of additional physical or chemical cross-links in the phase separated BSA polymer. The 
initial coil-to-globule transition and subsequent globule knotting decrease the distances between 
BSA polymer strands in the network. This allows formation of interprotein interactions between 
BSA proteins on different polymer strands that can act as polymer cross-links, indicated by the 
blue circles in Figure 5.9, stage 1b. 
Additional interprotein strand interactions may include the formation of salt bridges or 
hydrogen bonds between AA side chains that act as physical polymer cross-links. Electrostatic and 
H-bonding interactions between AA side chains100 are likely to form during the water to EG 
exchange because EG is less polar than water and is consequently a weaker H-bond acceptor/donor. 
Thus, the competitiveness of the solvent to H-bond with the AA side chains decreases when 
water is exchanged for EG such that the AA−AA interactions are enthalpically more favorable 
than AA−EG interactions. Chemical polymer cross-links could also form if dangling 
glutaraldehyde groups are present. Polymer strand entanglement could also create physical 
polymer cross-links in the BSA polymer network. 
Thus, the elastic free energy of the BSA polymer network increases during the BSA 
hydrogel to organogel transition. The elastic free energy is an entropically derived restoring force 
that resists polymer strand conformational changes which are intrinsic to hydro-/organogel 
swelling or shrinking. Therefore, incubating the BSA organogel in water does not result in swelling 
due to a significant increase in the cross-link density of the BSA polymer network. 
Finally, it must be noted that attempting to fabricate the BSA organogels using a single step 
solvent exchange where the BSA hydrogels are directly incubated in pure EG creates a material 




solvent exchange to EG allows the BSA polymer network to homogeneously shrink with increasing 
EG concentration prior to the phase separation event, that we believe occurs at higher EG 
concentrations. This creates a material much closer to the thermodynamic equilibrium state. 
An interfacial skin layer can form in hydrogels when exposed to drastic changes in solvent 
quality that cause a phase separation induced VPT.96 Skin layer formation has been utilized for 
drug release applications, where the drug is not released from the hydrogel material until the VPT 
of the skin layer is reversed.97 However, formation of a skin layer in our photonic crystal organogel 
sensing materials may confound the sensor response. The BSA organogels fabricated using the 
stepwise solvent exchange swell in response to BSA−ligand binding.39 In contrast, the single 
step solvent exchanged BSA organogels shrink in response to the ligand binding (unpublished 
data). The magnitude of these volume changes varies in the kinetically trapped BSA organogels 
depending on the time the BSA hydrogel was equilibrated in pure EG prior to ligand addition. This 
results in an unreliable sensor response for the single step solvent exchanged BSA organogels. 
5.4 Conclusions 
Using UVRR and IR spectroscopy, Cryo-SEM, and physical measurements of the gel 
volume and concentration of titratable amino acids, we characterized changes to the BSA 
secondary structure and BSA polymer morphology that accompanies the stepwise solvent 
exchange to EG. The mobile phase exchange from water to EG transforms responsive BSA 
hydrogels into responsive BSA organogels. We determined the following: 
(1) The BSA hydrogel is an interconnected network of thin BSA polymer strands with 
diameters roughly that of a single BSA protein. BSA hydrogel pores have diameters ranging 
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from 50 to 200 nm. The molecular weight between polymer cross-links was approximated 
from the polymer strand lengths, which equal ∼5−30 BSA or ∼3×105 − 2×106 g/mol. 
(2) The solvent exchange from the water mobile phase of the hydrogel to the EG mobile phase 
of the organogel causes a VPT that increases the BSA polymer volume fraction from 
ϕhydrogel = 6% to ϕorganogel = 27%. The VPT is irreversible; ϕwater‑incubated‑organogel = 27% after 
exchanging the EG mobile phase back to water. 
(3) There is a ∼4% increase in the population of α-helix secondary structure in the BSA 
organogel compared to that of the BSA hydrogel and native BSA monomers. These 
secondary structure changes are reversible; the UVRR AmIII3 bands of water incubated 
BSA organogels are identical to those of the BSA hydrogels. 
(4) The water incubated organogel UVRR spectrum does not contain contributions from EG, 
indicating that the EG mobile phase is qualitatively removed during exchange back to 
water. 
(5) The NIR absorbance of water in the BSA organogels demonstrate that there is a higher 
water content in the BSA organogels compared to the bulk EG mobile phase. There are 
roughly 1200−1500 water molecules per BSA protein in the organogel, meaning 1.1−1.4 
hydrations layers remain bound to the proteins. 
(6) Irreversible BSA polymer morphology changes occur during EG exchange. The water 
incubated BSA organogel morphology drastically differs from that of the BSA hydrogel. 
The water incubated organogel morphology is a dense amorphous polymer phase with 
significantly smaller pore diameters (5−30 nm) compared to the BSA hydrogel pore 
diameters (50− 200 nm). 
(7) The hydrogel to organogel morphology change results in a decrease in the solvent exposed 
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surface area. There are approximately 50% fewer titratable amino acid carboxyl groups in 
the BSA organogel than in the BSA hydrogel. 
We determined that a phase separation of the BSA polymer and mobile phase causes the 
VPT that accompanies the hydrogel to organogel transformation. This phase separation is driven 
by free energy of mixing changes where the Flory−Huggins interaction parameter increases 
with increasing EG concentrations. This phase separation proceeds in two stages, a fast coil-to-
globule transition followed by globule knotting and BSA polymer strand entanglement, that results 
in a dense amorphous BSA polymer morphology. Additional interprotein strand interactions that 
are formed in the phase separated BSA polymer state are the most likely source of the irreversible 
VPT phenomenon. Physical or chemical polymer cross-links increase the polymer cross-link 
density. Thus, the elastic free energy increases, resisting BSA polymer swelling when the mobile 
phase is exchanged back to water. 
The irreversible VPT phenomena of our BSA polymer is advantageous for our photonic 
crystal sensing motif where BSA organogels sense BSA−ligand binding through an organogel 
swelling response. EG is a hydroscopic organic solvent and absorbs water vapor proportional to 
the relative humidity of the air. Water absorption by EG in the BSA organogel does not impact 
the sensor response because the addition of water will not reswell the organogel. This is in contrast 
to our previously fabricated evaporation resistant sensing materials that contain an ionic liquid 
mobile phase16 which undergo a VPT in response to humidity changes. 
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6.0 Summary of Important Findings and Future Directions 
This thesis demonstrates advances in the fabrication and utilization of 2D photonic crystal 
hydrogel sensors. This thesis also presents the development of air-stable protein organogels. 
Chapter 1 introduces 2D photonic crystal hydrogel sensors. Chapter 1 also explains the 
research program's motivation. 
Chapter 2 demonstrates the use of a removable polyvinyl alcohol interpenetrating network 
to support fragile hydrogels. The interpenetrating network supports fragile pH-responsive 
hydrogels made with low cross-linker concentration. Low cross-linker hydrogels have larger 
dynamic ranges and lower limits of detection.  
Chapter 3 demonstrates an alternative method to decrease the effective crosslinking 
density, macroporous hydrogels. Macroporous hydrogels have micron-sized voids formed during 
fabrication by vortexing. Macroporous hydrogels demonstrate an increase in volume response 
compared to non-macroporous hydrogels.  
Chapter 4 explores the effects of salts upon the self-assembly of 2D Photonic Crystals. We 
elucidate the relationship between the thickness of the debye ring measured and the ordering of 
the 2D Photonic Crystal. 
Chapter 5 examines the structure of protein hydrogels and the mechanism of hydrogel to 
organogel transition. Protein hydrogels are composed of individual proteins attached like beads on 
a string in a giant web. The structure of a protein organogel is different from a hydrogel. A protein 
hydrogel undergoes an irreversible phase separation during the hydrogel to organogel transition. 
Protein organogels have a dense solid-looking polymer structure. The web structure of the 
hydrogel is not visible. 
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6.1 Future Directions 
There are several future directions for this research. We can investigate whether or not the 
mechanism of the protein hydrogel to organogel fabrication works with synthetic polymers. We 
can also investigate new proteins for use in 2D Photonic crystal hydrogels and organogel such as 
antibodies. For example, anti-HSA antibodies tightly bind human serum albumin, a charged 
molecule. HSA binding will increase in the hydrogel charge and cause hydrogel volume swelling 
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Appendix A.1 Representative SEM Images of 2DPC for 409, 570, and 915 nm Particles for 
All Salt 
Appendix Figure 10.01 M NaCl D. 0.1 M NaCl E. 1 M NaCl 
Appendix Figure A.1- 570 nm Diameter 2DPC SEM micrographs of 2DPC fabricated by self-assembly of 915 
nm diameter charged polystyrene particles at the air-water interface of electrolyte solutions containing NaCl. 




Appendix Figure A.2- SEM micrographs of 2DPC fabricated by self-assembly of 570 nm diameter charged 
polystyrene particles at the air-water interface of electrolyte solutions containing NaCl. A. Pure Water B. 0.001 




Appendix Figure A.3- SEM micrographs of 2DPC fabricated by self-assembly of 409 nm diameter charged 
polystyrene particles at the air-water interface of electrolyte solutions containing NaCl. A. Pure Water B. 0.001 
M NaCl C. 0.01 M NaCl D. 0.1 M NaCl E. 1 M NaCl 
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Appendix A.2 Array Ordering Analysis 
First, each image was transformed into a black and white binary image using the GNU 
Image Manipulation Program (GIMP) using a difference between Gaussians edge-detection filter. 
The particles in each image were then found using the circle Hough transform algorithm included 
in the MATLAB scripting package (MathWorks). The centers of the detected particles were passed 
into a function to calculate the pair correlation function (Equation A.1). The program counts the 
number of particles, dn, in the area of the shell, da having an inner diameter, r, and outer diameter, 




𝑑𝑑𝑑𝑑(𝑟𝑟, 𝑟𝑟 + 𝑑𝑑𝑟𝑟)
𝑑𝑑𝑑𝑑(𝑟𝑟, 𝑟𝑟 + 𝑑𝑑𝑟𝑟)
This was done for increasing shell radii, r = 0 to 14, increasing by, dr = 0.016R0, where Ro 
is the particle radius1. A plot of g(r) with respect to the normalized distance R/2Ro from 15 SEM 
images was produced for each particle size and salt concentration. The function utilized is 
appended as arrayOrdering.m and automated with the appended 2DOrderingProc.m 
The g(r) plots were further analyzed utilizing a discrete Fast Fourier Transform (FFT). The 
FFTs of the average g(r) spectra were taken using the FFTW library included in the MATLAB 
software. The Full Width Half Maximum (FWHM) bandwidth of the first peak of the FFT of g(r)-
1 can be used to quantify 2DPC ordering1-3. The width of the first peak is directly related to the 
decay in g(r). As the 2DPC long range order decreases, the width the first FFT peak increases. The 




2DPC, κ and the FWHM of the FFT peak for a perfect array1. κ was averaged over all 15 data sets 
for each salt concentration and particle size with the appended KAve.m 
A Gaussian baseline was observed in the FFTs of 2DPCs of poor ordering. A Gaussian 
peak in the g(r) spectrum appears as a Gaussian peak in the FFT of g(r)-14. The baseline was nearly 
eliminated by removing the first Gaussian peak in the g(r) spectrum. Removal of the first Gaussian 
peak in g(r) does not affect the rate of decay in g(r) peaks, the source of the line width, therefore 




Appendix Figure A.4- 2D Pair Correlation function for a perfect close-packed 2D array of circles with 409 nm 







Appendix Figure A.5- 2D Pair Correlation function for a perfect close-packed 2D array of circles with 570 nm 





Appendix Figure A.6- 2D Pair Correlation function for a perfect close-packed 2D array of circles with 915 nm 
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Appendix Figure B.1- Cryo-SEM sample holder. The sample cavity on the right contains one of the Ted Pella 
brass planchets that is used to freeze and fracture the hydrogel or organogel samples. The sample cavity on the 




Appendix B.2 UVRR Spectra of BSA Hydrogels and BSA Protein Monomers in Aqueous 
Solutions 
 
Appendix B.3 UVRR Measurements and Protein Secondary Structure Determination 
Appendix B.3.1 Fitting the BSA UVRR Spectra 
We used Grams software (version 8.0, Thermo Fisher Scientific, Inc. Waltham, Mass., 
USA) to model our UVRR spectra as a sum of Gaussian and Lorentzian bands: 







 where H is the peak height, X0 is the peak frequency, w is the full width at half height, M=1 if the 
band is Lorentzian, and M=0 if the band is Gaussian for the ith UVRR band. The AmIII3S fitted 
bands were modeled as Gaussian bands because they are inhomogenously broadened due to the 
peptide Ψ angle distribution.1 
Appendix B.3.2 Ψ Ramachandran Angle Calculation 
Details describing the methodologies for calculating Ψ angles are reported by Mikhonin et 
al.1-2 We use the following equation to calculate the Ψ angle for the α-helix AmIII3S bands: 
𝑣𝑣𝑖𝑖 = 1244 𝑐𝑐𝑚𝑚−1 − 54 𝑐𝑐𝑚𝑚−1 sin(Ψ + 26) 
where υi is the AmIII3S frequency and Ψ is the backbone Ramachandran Ψ angle. As discussed by 
Mikhonin et al.,1 this equation is used to calculate the Ψ angles for the peptide backbones involved 
in backbone-backbone hydrogen bonding.1 
Appendix B.3.3 Estimation of the Change in BSA Organogel α-Helix Populations 
To estimate the change in protein secondary structure in the BSA organogel, we divided 
the total intensity of the AmIII3 bands in BSA by the intensity of the hydrogel-organogel difference 
spectrum. We find that the intensity of the hydrogel-organogel difference spectrum is ~4% that of 
the total intensity of the AmIII3 band. Therefore, we estimate that the organogel contains ~4% 






Appendix B.4 NIR Absorption of Ethylene Glycol-Water Solutions and BSA Organogels 
Small volumes of water were added to 1.6 mL aliquots of EG. The EG aliquots were 
directly taken from the final EG solution in which the organogels were equilibrated. During the 
solvent exchange, the organogels were placed on a shaker to mix the solutions. The exchange to 
pure EG took place over 2 days, in which ~250 mL of pure EG was replaced 3 times daily to 
remove bulk water in the samples. 
The 1400-2000 nm NIR absorption spectra of ethylene glycol (EG) solutions containing 0, 
5, 10, 15, 20, and 25 µL water are shown in Figure B.3a. EG-water solutions were measured in a 
5 mm path length quartz cuvette. Water has strong absorption peaks at ~1400 and ~1900 nm that 
are used to monitor the samples water content.3,4-5 These absorption bands derive from the first 
overtone of the OH-stretching band (~1400 nm) and the combination of the OH-stretching band 
and the O-H bending band (~1900 nm).6 
We utilize the ~1900 nm peak to monitor the water content in the mobile phase because 
EG has stronger absorption around 1400 nm due to its O-H stretching mode. EG has minimal 
absorption at ~1900 nm.7 Pure EG in a 5 mm pathlength cuvette shows an absorbance of 0.7 at 
1915 nm.7 We measured an absorbance of 0.74 at 1915 nm for the EG extracted from the bottle 
containing the organogels, corresponding to 0.08 M water in the bulk EG. 
The difference spectrum of the EG/water solutions with the pure EG spectrum subtracted 
is shown in Figure SI 3b. The increasing absorbance from the increasing water concentration at 
~1400 and ~1900 nm is clearly evident. The 1915 nm absorbance of the EG/water solutions from 
this difference spectrum (Figure B.4) was used to calculate the molar absorptivity, ε, of water using 
the Beer-Lambert equation. The 1915 nm molar absorptivity coefficient of water was calculated to 
be ε=0.95 M-1 cm-1. 
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The 1400 – 2000 nm NIR absorbance of our BSA organogels is shown in Figure SI 5. The 
organogel films are 420 µm thick such that the double film layer is 840 µm thick. The 1915 nm 
absorbance of these organogels are 0.32 for the single film layer and 0.63 for two film layers. 
These absorbance values yield organogel water concentrations of 8.1 M for a single organogel film 
and 7.9 M for two organogel films (average 8.0 ± 0.2 M water). 
To account for the small EG absorbance at 1915 nm in the organogel, we subtracted the 
absorbance of a pure EG film having a thickness of either 420 µm or 840 µm. A pure EG film of 
Appendix Figure B.3- NIR absorbance of EG and its water solutions in a 5 mm path length quartz cuvette 
between 1400 nm to 2000 nm. (a) Spectra of pure EG with 0, 5, 10, 15, 20, and 25 µL water added (b) Difference 
Spectra of (EG/water solution) - EG spectra.  
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420 µm thickness has a theoretical absorbance of 0.065 and an 840 µm thick EG film has an 
absorbance of 0.13. The 1915 nm absorbance of the organogel films decrease to 0.26 (420 µm) 
and 0.50 (840 µm) when the pure EG film absorbance is subtracted, Figure B.5. The water 
concentration calculated from the EG subtracted organogel absorbance is now 6.5 M for a single 
organogel film and 6.3 M for two organogel films (average 6.4 ± 0.2 M water). This subtraction 
overestimates the absorbance from EG in the BSA organogels because the organogels contain less 
EG than a pure EG film. Thus, the water concentration calculated from the subtracted organogel 
absorbance underestimates the water content. 
Based on these measurements, we calculate the number of water molecules per BSA 
protein in a 1 mL BSA organogel sample. The organogel has a BSA polymer volume fraction of 𝜙𝜙 
= 0.27. The organogel protein concentration is 360 mg/mL BSA (BSA MW: 66430 g/mol). Thus, 
a 1 mL sample of the BSA organogel contains 3.3 x 1018 molecules of BSA. A 1 mL BSA 
organogel sample that contains 6.5 – 8 M water has 3.9 x 1021 to 4.8 x 1021 molecules of water. 
Appendix Figure B.4- (EG+water)-EG difference spectra absorbance at 1915 nm as a function of water 
concentration. The slope of the best fit line is 0.47 A.U. M-1. 
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Therefore, the ratio of water molecules per BSA protein in the organogel is calculated to be 1182-
1477 water molecules per BSA protein. 
Appendix B.4.1 Hydrophilic BSA Polymers Retain Much of Their Hydration Shell Waters 
in EG 
Polar solvents, such as EG, more effectively strip water from a protein surface compared 
to non-polar solvents due to more favorable solvation enthalpies between the water and polar 
organic solvent.8-11 Hydrated proteins exposed to non-polar organic solvents often retain more of 
their hydration layers than hydrated proteins exposed to polar organic solvents.9,11 However, while 
these hydrophilic polar organic solvents can strip away water molecules that are loosely bound to 
the protein surface, the polar organic solvents have little effect on the tightly bound water 
molecules around ionic and polar amino acid residues on the protein surface.9-11 
The protein hydration shell around the crosslinked BSA proteins in the pure EG organogel 
is mostly retained, at least in part due to the very hydrophilic nature of BSA. Gekko et al12 
experimentally demonstrated that BSA is preferentially hydrated in solutions containing 60% EG 
Appendix Figure B.5- The 1400-2000 nm NIR absorbance of a single and double layer BSA organogel film. 
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in water. As shown in Figure SI 6, the BSA surface exposed to solvent is predominately 
hydrophilic. The hydrophilic charged and polar amino acids are shown in blue in Figure SI 6, and 
the non-polar hydrophobic amino acids are shown in red. The hydration shell waters that are tightly 
bound to the large surface area of hydrophilic domains in BSA likely remain intact when the 
aqueous mobile phase is exchange to pure EG. 
Additionally, protein hydration shells have been protected by modifying the proteins or the 
protein microenvironment to enhance protein activity in organic solvents. For example, attaching 
highly hydrophilic groups to proteins is an effective method to protect the protein hydration shell 
and increase enzyme activity.14 These hydrophilic groups tightly bind numerous waters to form a 
protective hydrating shell around the protein, thus decreasing the ability of the organic solvent to 
strip waters from the protein surface. Improved protein hydration has also been demonstrated for 
proteins immobilized on hydrophilic materials15 and for proteins encapsulated in hydrophilic 
polymer networks.16 
 
Appendix Figure B.6- BSA protein structure from X-ray crystallography (PDB: 3V03)13. Hydrophilic amino 
acid residues are colored blue (Lys, Arg, Asp, Glu, His, Ser, Thr, Asn, Gln, Cys); hydrophobic amino acid 
residues are colored red (Gly, Ala, Leu, Ile, Met, Val, Phe, Tyr, Trp, Pro). 
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